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ABSTRACT
Agricultural activities are major sources of non-point pollutants causing eutrophication.
Constructed wetlands are used as a best management practice for sequestration of nutrients from
agricultural runoff. This dissertation focuses on the influence of vegetation on bacterial
community structure, microbial enzyme activities, and phosphorus retention capacity of
constructed wetland systems. A greenhouse experiment was conducted using unvegetated or
vegetated mesocosms with Juncus effusus, Carex lurida or Dichanthelium acuminatum var.
acuminatum in monoculture or mixed culture.
To study the influence of vegetation on the bacterial community structure and microbial
enzyme activities, sediment samples were taken from monoculture mesocosms in the
greenhouse. β-1,4-glucosidase, phosphatase, and N-acetylglucosaminidase activities were similar
for all the samples. Phenol oxidase and peroxidase activities were higher in the unvegetated
sediments. Bacterial communities were dominated by Acidobacteria, Proteobacteria and
Firmicutes groups. Fewer sequences affiliated with the Firmicutes and Alphaproteobacteria
were recovered from unvegetated sediments. Mesocosms were later dosed in August 2007 with
2.5mg/L of phosphorus to study the influence of vegetation on microbial enzyme activities in
phosphorus-loaded wetlands. Sediment samples were collected on days 1, 14, 28, 42 and 56 after
dosing. The results from this study show that the presence of plants can have a negative impact
on the activity of phosphatase, phenol oxidase and peroxidase enzymes.
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To study phosphorus retention rates, mesocosms in the greenhouse were dosed with 2.5
mg/L of phosphorus for six months in 2008 and 2009. This was followed by a decomposition
experiment to study the release of phosphorus due to plant senescence. The net removal rate was
highest for mixed culture (82% in 2008 and 77% in 2009) and C. lurida in monoculture (82% in
2008 and 80% in 2009). Vegetated mesocosms (except for monoculture of D. acuminatum)
showed higher removal rate compared to unvegetated mesocosms. Results recommend the use of
J. effusus and C. lurida (either grown as monoculture or mixed culture) as plants that could be
used for the efficient removal of phosphorus in constructed wetlands. This information indicates
that a focused selection of plants can improve the effectiveness of constructed wetlands.
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CHAPTER 1
GENERAL INTRODUCTION
1.1. Nutrient Pollution
Clean water is a crucial resource for all living organisms, but in recent decades the
quality of the world‘s surface waters has degraded due to the increased input of pollutants
(Nixon 1995, Rabalais 2002, Bricker et al. 2007). Chemical inputs into rivers, lakes, and oceans
are classified as point or non-point sources (Carpenter et al. 1988, Postel and Carpenter 1997).
Point sources are easier to measure and regulate and often can be controlled by treatment at the
source of pollution. Non-point sources are the dominant cause of phosphorus (P) and nitrogen
(N) to most reaches of U.S. Rivers (Newman 1995, U. S. EPA 1996). Non-point inputs are more
often intermittent and linked to seasonal agricultural activity, irregular events such as heavy
precipitation (Carpenter et al. 1988) and urban activities (Novotny and Olem 1994, Sharpley et
al. 1994).
Eutrophication, caused by excessive inputs of P and N, is a common and growing
problem in lakes, rivers, estuaries, and coastal oceans (Schindler 1977, Rast and Holland 1988,
Newman 1995, Smith 1998). Eutrophication leads to the increased growth of algae and aquatic
weeds. Oxygen becomes depleted due to the decomposition of algae and plants and, in turn,
causes problems associated with anoxia like fish kills (Smith 1998, Howarth et al. 2011).
Globally, the number and size of anoxic and hypoxic areas (dead zones) has grown dramatically
in recent years (Diaz and Rosenberg 2008). Within the last decade, much attention has been
1

given to the hypoxic zone forming annually in the Gulf of Mexico (Goolsby et al. 2000, Rabalais
et al. 2002). The Gulf Coast is the location of the second largest zone of coastal hypoxia (defined
here as dissolved oxygen <2 mg/L) in the world's oceans (Rabalais et al. 2002). Development of
the hypoxic zone in the Gulf of Mexico has been linked to non-point source pollution. The
Mississippi River forms the largest watershed on the North American continent and discharges
sediment yields of 210 × 106 Mg/yr which includes 0.1 × 106 Mg/yr phosphorus (Milliman and
Meade 1983, Goolsby et al. 1999). Intensive cropping of corn, soybeans and wheat has impacted
US land cover and water quality (Donner 2003). On average, approximately, 35% of nitrogen in
the Mississippi River discharged into the Gulf originated in the corn belt of Iowa and Illinois
(Goolsby et al. 2000). Subsequent changes in nutrient ratios in the Mississippi River could
potentially be attributed to increased fertilizer usage in the river valley basin. Human activity that
altered the delivery of nutrients to coastal waters did not just begin recently within the last 50
years, but the acceleration within the last 50 years has been a feature of cultural eutrophication,
the ―Anthropocene,‖ in many developed countries (Rabalais et al. 2007).
1.2. Best Management Practices
Despite 20th century advances in understanding eutrophication, it still remains one of the
foremost problems in protecting freshwater and coastal marine ecosystems (Schindler 2006).
Best management practices (BMP) are implemented in the United States and worldwide to
reduce nutrient pollution and improve water quality (Sharpley et al. 2000, Zeimen et al. 2006,
Keipert et al. 2008). Best management practices for phosphorus include manure management
(Garcia et al. 2008), soil testing, use of indices (DeLaune et al. 2004) and targeting transport
mechanisms in the watershed (Cooper et al. 1998, Kleinman et al. 2006, Sharpley et al. 2007).
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Constructed wetlands are used widely in the south-eastern United States in both urban
and agricultural settings as tools for improving water quality (Healy and Cawley 2002, Kovacic
et al. 2000). Wetlands are used for retention of pollutants for improving the water quality (Brix
1994) and are often referred to as the ―kidneys of the landscape‖ due to their ability to transform
and store organic matter and nutrients (Mitsch and Gosselink 2007). In urban areas the focus of
constructed wetlands tends to be on a combination of general water quality improvement and
stormwater management, while in agricultural settings the focus is more on reducing nutrients
and sediments. Based on the type of vegetation, constructed wetlands can be classified into freefloating macrophyte - based systems, emergent macrophyte - based systems, and submerged
macrophyte - based systems (Brix 1994). Emergent macrophyte - based systems can be further
classified into free water surface flow, subsurface horizontal flow, and vertical flow systems
(Vymazal 2006).
Free water surface flow systems are flooded, and the water surface is exposed to the
atmosphere while in subsurface flow systems the water level is maintained below the soil
medium. The pollutants passing through the constructed wetlands are removed by a combination
of appropriate physical, chemical, and biological processes including sedimentation,
precipitation, adsorption to soil particles, assimilation by the plant tissue and microbial
transformations (Watson et al. 1989, Brix 1994). In a number of cases, constructed wetlands
appear to be introduced as a black box cure, with little thought given to the maintenance
necessary to keep them functioning for extended periods of time (Tatalovich 1998). Given the
large investments made in constructing wetlands and the critical role they are intended to play in
protecting the health and quality of water bodies, there is a clear need to understand the
effectiveness of constructed wetlands (King et al. 2001).
3

1.3. Phosphorus Retention in Constructed Wetlands
Phosphorus is an essential element for plant and animal growth, and its input has always
been necessary to develop profitable food production and also to meet global food requirements
(Hedley and Sharpley 1998). Phosphorus inputs to freshwater can accelerate eutrophication;
hence, control of P inputs and their subsequent transport in runoff is critical to reduce
eutrophication (Sharpley and Rekolainen 1997). Phosphorus can exist as dissolved inorganic
phosphorus, particulate inorganic phosphorus and dissolved and particulate organic phosphorus
in waste water (Calpham et al. 1999). Phosphorus retention in wetlands is affected by surface
adsorption on soil minerals (Watson et al. 1989, Zurayk et al. 1997), precipitation (Reddy et al.
1987), microbial immobilization (Newbold et al. 1983), and plant uptake (Brix 1994, Reddy et
al. 1995). Adsorption and retention of phosphorus in wetland soils are controlled by factors like
pH, redox potential, Fe and Al concentration (Lindsay 1979, Faulkner and Richardson 1989,
Reddy et al. 1999). Adsorption of phosphorus to iron ions takes places under aerobic and neutral
to acidic conditions to form stable complexes, and adsorption to calcium ions takes place under
basic to neutral pH conditions. If conditions are anaerobic, adsorption to iron ions is less strong.
Adsorption is a reversible process, and each substrate has a particular capacity where it cannot
adsorb any more phosphorus and reaches saturation (Verhoeven 1999).
Phosphorus is delivered to aquatic systems as a mixture of dissolved and particulate
inputs. After P inputs reach the receiving water, particulates may release phosphate and organic
phosphates to the water column, and various phosphorus compounds may be chemically or
enzymatically hydrolyzed to orthophosphate, the only form of phosphorus that can be
assimilated by bacteria, algae, and plants (Vymazal 2006). Particulates may be deposited in the
bottom sediments, where microbial communities gradually use many of the organic constituents
4

of the sediments, ultimately releasing much of the phosphorus back to the water column as
orthophosphate (Correll et al. 1998). Biological oxidation converts phosphorus into
orthophosphate forms (Vymazal 2007). Plants absorb phosphorus through the roots and plant
uptake of phosphates is known to vary from 30 to 150 Kg ha-1year-1 (Sundaravadivel 2001).
Phosphorus uptake by macrophytes is usually highest during the beginning of the
growing season (Boyd 1969, Vymazal 2007). An important response to seasons is the
translocation of nutrients within the plant. Prior to autumn senescence, the majority of important
ions are translocated from shoot portions to roots and rhizomes. These stored nutrients are used
during the early spring growth (Garver et al. 1988). Phosphorus storage in vegetation can range
from short- to long-term, depending on type of vegetation, litter decomposition rates, leaching of
phosphorus from detrital tissue, and translocation of phosphorus from above- to belowground
biomass (Vymazal 2007). Macrophytes may remove pollutants via direct assimilation into their
tissue or by providing surfaces on which microorganisms live and transform pollutants (Brix
1993). Phosphorus storage in emergent macrophyte aboveground biomass is usually short-term
since phosphorus is released back from the biomass to the wetland ecosystem after plant decay
(Kadlec and Knight 1996, Kröger et al. 2007). The remaining refractory detrital tissue may
eventually become incorporated as organic matter in the wetland soil. Accretion of organic
matter has been reported as a major sink for phosphorus in wetlands (Craft and Richardson
1993). Richardson and Marshall (1986) found that soil adsorption and peat accretion control
long-term phosphorus sequestration in wetlands. However, sorption and storage in plant biomass
are saturable processes, meaning they (soil and plants) have a finite capacity and, therefore,
cannot contribute to long-term sustainable removal (Dunne and Reddy 2005).
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Wetlands provide substrate for microbial processes, and plants provide a huge surface
area for the attachment and growth of microbes (Kent 2001). Soil microbes play an important
role in the phosphorus cycle by participating in the solubilization of inorganic phosphorus and
mineralization of organic phosphorus (Marumoto et al. 1982, Frossard et al. 2000, Richardson
2001). Microbes participate in nutrient cycling and retention and have been found to compete
with plants for available phosphorus in soil (Cole et al. 1977, Drake et al. 1996, Bardgett 2005).
Soil microbes in wetlands are important for the decomposition of organic matter, nutrient cycling
and degradation of contaminants (Wright and Reddy 2001). Several enzymes are known to be
involved in the cycling of nutrients and can be used as potential indicators of nutrient cycling
processes (McLatchey and Reddy 1998). Complex structural compounds in soil are hydrolyzed
by extracellular enzymes and used as energy sources by soil microbes (Chróst 1991).
Extracellular enzymes are involved in degradation of soil organic matter (Burns 1982, Kandler et
al. 1996). Specifically, the assessment of the activities of enzymes like hydrolases can provide
information on the decomposition of organic matter and transformation of nutrients in soils.
Thus, knowledge of soil enzyme activities can provide information on soil degradation potential
(Burns 1982).
Enzyme activities reflect changes in the degradation of compounds and in turn, changes
the nutrient cycling caused by changes in environment and, hence, can be used as a tool to assess
effects of anthropogenic pollution (Wetzel 1991). In a P-limited wetland or an aquatic
ecosystem, alkaline phosphatase activity (APA) plays an important role in the regeneration of
inorganic P through its catalysis of the breakdown of organic P esters to inorganic P (Chróst
1991). Glucosidase catalyzes the hydrolysis of glycosides, resulting in elease of a β-linked
monosaccharide (Burns 1982). Phenol oxidase is important in the breakdown of lignin6

containing compounds and depends on O2 availability, and both glucosidase and phenol oxidase
activities have been correlated with degradation rates of detritus (McLatchey and Reddy 1998).
The existence of plant cover and the subsequent losses of carbon due to mineralization are
known to reduce soil enzymatic activities (Pascual et al. 2000). Also, a shift in plant species can
lead to a change in quantity and composition of soil microbial communities which, in turn, can
affect the soil P dynamics (Kourtev et al. 2002, Corstanje and Reddy 2006). However, there is
still a poor understanding of the effect of specific plant species on soil microbial enzyme
activities. A multitude of different characteristics (several types of constructed wetlands with
different kinds of soil matrix, presence or absence of vegetation in the system) confound the
clarification of understanding about different aspects of microbial community structure and its
activity in constructed environments (Vymazal 2007). Therefore, studies are required to broaden
knowledge about microbial communities in these systems and will help to improve the design
and performance of constructed wetlands (Truu et al. 2009).
1.4. Rational for the Study
In order to give insights into freshwater wetland functioning, scientists often use smaller
constructed wetlands or mesocosms as models. Constructed wetlands have a number of
interlinked uses including wastewater treatment, stormwater management, non-point source
pollution control, recreation and aesthetics. They have been used widely in both urban and
agricultural settings for a number of years as a tool for improving water quality (Kovacic et al.
2000, Healy and Cawley 2002, Millhollon et al. 2009). Wetland plants are an integral part of
constructed wetlands (Brix 1987). The general requirements of plants suitable for use in
constructed wetland wastewater treatment systems include ecological acceptability, i.e., no
significant weed or disease risks or danger to the ecological or genetic integrity of surrounding
7

natural ecosystems, tolerance of local climatic conditions, tolerance of pollutants and
hypertrophic waterlogged conditions, ready propagation, and rapid establishment, spread and
growth; and high pollutant removal capacity, either through direct assimilation and storage, or
indirectly by enhancement of microbial transformations such as nitrification and denitrification
(Vymazal 2007).
Recommendations for further research in improving best management practices (BMP)
using constructed wetlands urge the gathering of information on plant specific uptake of
agricultural contaminants including nutrients (Cooper and Moore 2003). The USDA-ARS funds
co-operative agreements between its facilities (e.g. National Sedimentation Laboratory (NSL))
and public institutions (e.g. University of Mississippi) to improve water quality and ecosystem
function affected by agricultural activities through increasing the effectiveness of edge-of-field
and within-field farm practices in mitigating off-site movement of pollutants. Specific practices
include conservation tillage, cover crops, grade control structures, vegetative buffer strips, tile
drains, and grass hedges, and to measure how wetland and riparian systems improve water
quality and ecosystem integrity (Kröger 2007).
Research undertaken within one such co-operative agreement focuses on improving
effectiveness of agricultural BMPs in the mid-South (Holland and Cooper 1999). As part of the
cooperative agreement between NSL and University of Mississippi, Beadle et al. (2004) studied
the nitrogen and phosphorus removal capabilities of Juncus effusus and Paspalum urvillei under
eutrophic water conditions. The study was conducted in the University of Mississippi Field
Station (UMFS) greenhouse using mesocosm tubs to simulate wetlands, and results showed that
high concentrations of total phosphorus were present in both leaf and root tissues of Juncus
effusus and stem tissues of Paspalum urvillei. Beadle‘s suggestions for further research include
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studying the retention capacity of Juncus effusus under different nutrient concentrations,
studying the effects of a specific nutrient, conducting a plant competition experiment, and
studying microbial retention. Faulkner (2006) conducted a study in mesocosm tubs on N
retention by Cyperus haspan and Cyperus erythrorhizos. Study results show Cyperus haspan to
contribute in N removal from artificial wetland systems. She suggested that future studies on
microbial activity would be beneficial as microbes present in the rhizosphere and soil may make
a significant contribution to nutrient removals.
Kröger (2007) studied the capacity of Leersia oryzoides to sequester N and P. He also
looked into leaching of nutrients after plant senescence and found Leersia oryzoides retained N
and P during the growing season but released the nutrients back into the water column after plant
senescence, which would create eutrophic conditions in receiving waters during the winter
months (December to January). His results also showed that controlled drainage and increased
hydraulic retention time could potentially increase the nutrient retention capacity of ditches as
increased hydraulic retention time could increase the sedimentation capacity of surface drainage
ditches. During storm events the concentration of P in ditches is usually more than that found
under normal conditions (Kröger et al. 2007). He suggested that further studies be conducted to
determine the nutrient budget of agricultural systems. Helms (2009) studied the nitrogen removal
efficiency of Juncus effusus in intraspecific and interspecific treatments in a field mesocosm
setting and found that J. effusus is more effective at assimilating N runoff when competitors are
present. Part of each research project conducted under the cooperative agreement was carried out
either in the greenhouse or in the constructed wetlands at the University of Mississippi Field
Station (Figure 1). To confirm presence, abundance, and distribution of J. effusus and other
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freshwater wetland plants at the Field Station, a list of understory vegetation and associated
habitats was compiled (Menon and Holland, submitted to Castanea).
Wetland plants are known to remove 52-67% of influent phosphorus (Busnardo 1992,
McJannet et al. 1995), and the right selection of plants is necessary for maintaining and
improving the effectiveness of constructed wetlands (McJannet et al. 1995). The objectives of
the co-operative agreement between USDA-ARS-NSL Water Quality Ecology Unit and the
University of Mississippi are to conduct research on the use of plants and wetland ecosystems to
reduce agricultural contaminants, to better understand the causes of aquatic impairments, and to
provide recommendations for contaminant reduction. There is little quantitative information
available comparing the growth characteristics and treatment performance of various plants in
constructed wetland systems, effect of specific plant species on sediment microbial enzymes in
phosphorus-loaded constructed wetlands, and bacterial community structure associated with the
wetland plants.
The objectives of my research were to study the influence of vegetation on sediment
bacterial community structure and enzyme activities in freshwater constructed wetlands, to study
the influence of vegetation on sediment microbial enzyme activities in phosphorus-loaded
constructed wetlands, and to study the phosphorus retention capacity of Juncus effusus (common
rush), Carex lurida (shallow sedge) and Dichanthelium acuminatum var. acuminatum (tapered
rosette grass) in mixed and monoculture constructed wetland systems. These objectives fall
under the research goals set forth by the USDA-ARS-NSL Water Quality Ecology Unit and the
University of Mississippi in successive co-operative agreements, and build upon the work of
Beadle (2004), Faulkner (2006), Kröger (2007), and Helms (2009).
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The three species chosen for this study are common wetland plants belonging to the
Juncaceae, Cyperaceae and Poaceae families respectively (USDA plant database). All three are
perennial herbaceous plants and are commonly found in the southern parts of the United States
(USDA 2007). Juncus effusus, Carex lurida and Dichanthelium acuminatum were found in the
constructed wetlands at the University of Mississippi Field Station. Juncus effusus and Carex
lurida are facultative, obligate wetland species having medium seed abundance and
Dichanthelium acuminatum is a facultative wetland plant species (USDA 2007). In previous
studies, Juncus effusus has shown a seasonal variation in the uptake of nutrients and was found
to have high nutrient uptake during late summer and early autumn (Boyd 1971, Beadle et al.
2003, Helms 2009). However, no studies have been conducted to examine the bacterial
community structure, sediment microbial enzymes and phosphorus retention capacity of Juncus
effusus, Carex lurida and Dichanthelium acuminatum var. acuminatum in mixed culture. Also,
C. lurida and D. acuminatum have not been used previously in any studies in constructed
wetlands used for phosphorus retention. Usually wetland plants that are commonly found in the
geographic region, non-invasive, propagate fast, and do not cause any diseases are used in
constructed wetland systems (Vymazal 2007). The plants chosen for this study meet these
criteria and hence can be used for studying the phosphorus retention in constructed wetland
systems.
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Plant
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sites

Figure 1. Land use map of the University of Mississippi Field Station (Holland et al. 1997).
Arrows represent plant collection sites for the greenhouse experiment.
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1.5. Objectives and Structure of the Dissertation
The main focus of this research is to compare P retention in vegetated constructed
wetlands planted with Juncus effusus, Carex lurida and Dichanthelium acuminatum var.
acuminatum to unvegetated constructed wetlands. The study seeks to determine the relative
importance of plant uptake, microbial assimilation and sediment adsorption in the removal of
phosphorus in constructed wetlands. The main questions being studied are (a) how does presence
and type of vegetation influence sediment microbial enzyme activities and bacterial community
structure in constructed wetlands, (b) how is phosphorus retention influenced by the presence
and type of vegetation, and (c) how is uptake affected by vegetation growing in a monoculture or
a mixed culture constructed wetland system? Chapter 1 gives a general introduction to the
research topics of the dissertation, reviewing relevant past work completed by previous graduate
students under the cooperative agreement between USDA- ARS- NSL and my major advisor, Dr.
Marjorie M Holland at the University of Mississippi.
Chapter 2 focuses on the first objective of this research, the influence of vegetation on
bacterial community structure and microbial enzyme activities. The study compares the bacterial
community structure and enzyme activities associated with Juncus effusus, Carex lurida, and
Dichanthelium acuminatum with unvegetated sediments. The aim of the study was to determine
if the structure and activity of sediment microbial communities in freshwater wetlands are
affected by the composition of the plant community. The results provide insights into the
composition of wetland sediment bacterial communities.
Chapter 3 builds upon results from chapter 2 and focuses on the influence of vegetation
on sediment microbial enzymes in phosphorus-loaded constructed wetlands. Extracellular
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enzyme activity regulates the decomposition of compounds and, hence, is an important factor to
be considered while designing constructed wetlands. Measurements of microbial extracellular
enzyme activities are useful for studying the impacts of P loading (Wetzel 1991, Newman and
Reddy 1992). Very few studies have examined the influence of plant species on the enzyme
activities in constructed or natural wetlands used for phosphorus retention. The results provide
information on the influence of vegetation on sediment microbial enzyme activities and on the
relationships between abiotic factors and enzyme activities in phosphorus-loaded constructed
wetlands.
The objective of Chapter 4 is to quantify phosphorus retention by J. effusus, C. lurida and
D. acuminatum in monoculture and mixed culture. This chapter addresses whether or not any
interactive effect like intraspecific or interspecific competition between plants within an
ecosystem can cause differences in the P retention rates when the species are grown in
monoculture or together. The hypothesis is that there is a difference in P retention rate when
there is a mixed culture versus a monoculture of plants. I expect that the P retention rate will be
higher when the three species are growing together since the most efficient plant will likely take
up the higher amount of P (because of factors like interspecific competition) and the other plants
will supplement the uptake of P.
Chapter 5 describes a decomposition experiment which examines the release of
phosphorus during plant senescence. The study of P released back to the ecosystem will give an
understanding of net phosphorus retention rate and whether or not these plants are effective in P
retention. This information is important for planning and predicting the effectiveness of a
constructed wetland. My hypothesis is that mixed culture treatments will release higher amounts
of P due to the higher amount of P absorbed in their plant tissue.
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Chapter 6 summarizes all results and compares the net retention rate of phosphorus in
unvegetated and vegetated constructed wetlands with Juncus effusus, Carex lurida and
Dichanthelium acuminatum in mixed and monocultures. The net retention rate taking into
account the plant release of phosphorus due to senescence is discussed. The percent phosphorus
load reduction by the various components of a constructed wetland is also discussed. My
hypothesis is that plants will retain the most phosphorus in vegetated constructed wetlands and
sediment will have higher phosphorus retention rate in unvegetated mesocosms. Such knowledge
gives us a better understanding of phosphorus retention in these constructed wetlands. Avenues
for future research are also discussed.
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CHAPTER 2
The Influence of Vegetation on Microbial Enzyme Activity and Bacterial Community
Structure in Freshwater Wetland Sediments1

Abstract
Microorganisms play important roles in wetland ecosystems but little is known about the
influence of wetland plants on microbial community structure and activity. A greenhouse
experiment was conducted to study the short-term influence of wetland vegetation on the
sediment microbial community. Mesocosms were planted with different wetland plant species
(Juncus effusus, Carex lurida, or Dichanthelium acuminatum var. acuminatum) or remained
unvegetated. After eight weeks, sediment samples were taken from each mesocosm and assayed
for the activity of five microbial extracellular enzymes. β-1,4-glucosidase, phosphatase, and Nacetylglucosaminidase exhibited similar activity in sediments under all vegetation treatments,
while the activity of the oxidative enzymes phenol oxidase and peroxidase was higher in
sediments with no vegetation. The fact that sediments with less vegetation appear to show
greater oxidative enzyme activity is interesting from an applied point of view, as it suggests that
unvegetated constructed wetlands might be more efficient in treating phenol rich wastewater than
vegetated systems. DNA was extracted and amplified from each sediment sample and denaturing
gradient gel electrophoresis (DGGE) was used to examine partial 16S rRNA genes. Analysis of

1
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DGGE profiles indicated that sediment bacterial communities associated with each plant regime
were different. Cloning and sequencing of 16S rRNA gene fragments revealed that communities
were generally dominated by representatives of the Acidobacteria, Proteobacteria and
Firmicutes; however, proportionally fewer sequences affiliated with the Firmicutes and
Alphaproteobacteria were recovered from unvegetated sediments. Among the vegetation types,
proportionally fewer sequences affiliated with the Acidobacteria were recovered from sediment
samples vegetated with C. lurida, while the proportion of Proteobacteria was higher. Within the
Acidobacteria, phylotypes belonging to subdivision 1 accounted for the largest proportion of the
sequences detected in D. acuminatum sediments, while these were not detected in sediments
taken from C. lurida treatments. Along with providing insights into the composition of wetland
sediment bacterial communities, this study suggests that wetland plant species influence both
bacterial community structure and oxidative enzyme activity in wetland sediments, and that these
influences can occur over a relatively short time.

2.1. Introduction
Wetlands are productive ecosystems that act as ecotones between terrestrial and aquatic
systems (Mitsch and Gosselink 2000). One of the ecosystem services provided by wetlands is
their ability to absorb nutrients from runoff waters, and nutrient mitigation in wetlands is driven
by the activities of both wetland plants and microbial communities (Zedler and Kercher 2005).
Emergent plants are important components of wetland ecosystems and are responsible for
maintaining many of the ecological functions of these systems (Hollis et al. 1988). Wetland
plants show specific adaptations to the abiotic conditions that their roots are exposed to (Cronk
and Fennessy 2001). These adaptations may influence the sediment microbial community,
another ecosystem component that is critical for the cycling, retention, and release of nutrients in
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freshwater wetlands (Richardson and Marshall 1986, Balasooriya et al. 2007). The presence of
vegetation can lead to changes in factors such as sediment oxygen levels, nutrient availability,
and organic matter content. Indeed, soil microbial diversity has been shown to be positively
correlated to vegetation diversity in both wetlands and terrestrial systems (Zak et al. 2003,
Gutknecht et al. 2006).
Many of the abundant organic compounds in soils are degraded enzymatically. Cellulose
and chitin are degraded by different suites of hydrolytic enzymes, while lignin and polyphenolic
compounds are degraded by the oxidative enzymes phenol oxidase and peroxidase (Burns 1982,
Waldrop et al. 2000). Similarly, the enzyme phosphatase releases phosphate from organic
compounds and is critical to the mineralization of organic phosphorus (Olander and Vitousek
2000). Microbial processing of nutrients and organic matter depends on the production of these
and other extracellular enzymes to break down large organic molecules into smaller molecules,
which can subsequently become available for utilization by microbial cells or other organisms
(Burns 1982, Dick 1994). Hence, many of the key ecosystem functions of wetland sediments
likely depend on the aggregate activity of a variety of microbial enzymes (Nannipieri et al.
2003).
Factors such as pH, organic matter, soil moisture, nutrient concentrations, and the overall
hydrology of the system have been shown to affect sediment microbial enzyme activities in
wetlands (Waldrop et al. 2000, Jaatinen et al. 2007), but research on the composition and
function of wetland microbial communities has generally focused on microorganisms responsible
for methanogenesis, denitrification, and sulfate reduction (Gutknecht et al. 2006, Balasooriya et
al. 2007). While studies on these processes are important, they often ignore a critical feature that
defines many wetlands, the vegetation. As both natural and constructed freshwater wetlands can
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be important buffers for the impacts of terrestrial environments on aquatic ecosystems (Bardgett
et al. 2005, Vymazal 2007), understanding how the sediment microbial community is affected by
specific types of plants could be critical for designing efficient constructed wetlands. The
objective of this study was to determine if the structure and activity of freshwater wetland
sediment microbial communities are affected by the composition of the plant community.
2.2. Materials and Methods
Experimental Set-up and Sampling
A greenhouse-based mesocosm experiment was conducted to study the influence of plant
species composition on sediment microbial enzyme activity and bacterial community structure.
A mesocosm facility was used to control factors beyond vegetation. Studies have shown that
mesocosm and microcosm studies are relevant to microbial ecology as the assemblages of
bacteria found in microcosms are often similar to those in the field in terms of composition and
overall diversity (Eller et al. 2005, Ranjard et al. 2006). Mesocosms representing surface flow
freshwater wetlands were established in June 2007 by filling 16 plastic barrels (each with a total
volume of 105 liters) with sediment taken from constructed wetlands at the University of
Mississippi Field Station (UMFS), Abbeville, MS, USA (Figure 1). Mesocosms were filled with
groundwater to 10 cm depth above the sediment surface and left to acclimatize for two weeks in
the UMFS greenhouse facility.
Juncus effusus (Family - Juncaceae), Carex lurida (Family - Cyperaceae) and
Dichanthelium acuminatum var. acuminatum (Family - Poaceae) were chosen as the plants to
use for the study as they are all perennial plants commonly found in monoculture stands in
wetlands of the South Central US (USDA 2007). Individual plants were collected from wetlands
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at the UMFS, sediment was removed, and plants were transplanted into the mesocosms (Figure
1). Each mesocosm to be vegetated was planted with 33 individual plants, with four replicate
mesocosms per plant species. The remaining four mesocosms were left unvegetated. Initial
aboveground biomass was assessed by measuring plant height, and mesocosms were left
undisturbed to allow plants to become established. After eight weeks (August 2007) there was a
clear increase in aboveground biomass indicating that the plants were generally well established
in the mesocosms. At this point, plant height was measured again, and percent growth rate
calculated as the increase in height from initial planting.
At the eight week point, three sediment samples were taken from each mesocosm (48
samples total). Sediment samples were taken from the top 10 cm of sediment using a soil core
sampler (1.9 cm diameter). Each sample was mixed and a subsample (5 g) was taken for
immediate determination of microbial enzyme activity. A second subsample (0.3 g) was frozen (20 ºC) for subsequent molecular analysis of bacterial community structure. Another subsample
(approximately 10 g) of each sediment sample was weighed, dried (65°C, 48 h), and ashed
(500°C, 2 h) to determine sediment moisture content and organic matter content (as ash free dry
mass). A final subsample of 1 g of each sediment sample was analyzed for total Kijeldahl
nitrogen (TKN) and total phosphorus (TP) concentrations using an ammonia persulfate digestion
procedure and read on a Dionex ion chromatograph (Murphy and Riley 1962, APHA 1998). The
pH of the water in each mesocosm at the time of sampling was measured using a portable pH
meter (Accumet AR 25 dual-channel pH meter).
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Assays of Microbial Enzyme Activity
Each sample was analyzed for the activity of five extracellular enzymes: β-1,4glucosidase (EC 3.2.1.21), phosphatase (EC 3.1.3.2), N-acetylglucosaminidase (NAGase; EC
3.2.1.52), phenol oxidase (EC 1.10.3.2) and peroxidase (EC 1.11.1.7). These enzymes are
involved in the decomposition of cellulose (β-1,4-glucosidase), the mineralization of phosphorus
(phosphatase), the decomposition of chitin (NAGase), and the degradation of polyphenolic
compounds (phenol oxidase and peroxidase). About 5mg of sediment material was homogenized
in pH 5.0 50 mM acetate buffer (Jackson et al. 2006) to yield 10 mL slurries. For each enzyme
assay, four 150 μl replicates of each of the sample slurries were incubated with 150 μl of the
appropriate artificial substrate solution for 2–4 h. Substrates for β-1,4-glucosidase, phosphatase,
and NAGase were linked to p-nitrophenol, and the activity for these enzymes was determined
from absorbance at 410 nm in the presence of 0.067 M NaOH, as described previously (Jackson
and Vallaire 2007, Jackson et al. 2009). L-3,4-dihydroxyphenylalanine (L-DOPA) was the
substrate used to assay both phenol oxidase and peroxidase activity, with peroxidase assays also
receiving hydrogen peroxide to 0.015%. Activity for these assays was determined from
absorbance at 460 nm (Jackson and Vallaire 2007). Substrate controls (in duplicate) consisted of
incubations of the substrate for each enzyme sample without the addition of a sediment slurry,
while duplicate sample controls for each sample consisted of 150 μl of the sediment slurry
incubated without any substrate. Final enzyme activities were expressed as nmol substrate
consumed h-1 g-1 dry weight of sediment.
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Molecular Analyses
DNA was extracted from 0.3 g of each sediment sample using a Power Soil DNA kit (Mo
Bio, Carlsbad, CA, USA), and DNA from the three replicate samples taken from each mesocosm
was pooled prior to amplification to reduce random bias (Wagner et al. 1994). Bases 1070-1392
(Escherichia coli numbering) of the 16S ribosomal rRNA (16S rRNA) gene were amplified
under conditions described previously (Ferris et al. 1996, Jackson et al. 2001) and analyzed using
denaturant gradient gel electrophoresis (DGGE). Denaturant concentrations were 40-70% urea–
formamide in 8% acrylamide and electrophoresis conditions were 88 V for 18 hours at 60 0C.
Approximately 700 µg of amplified product was loaded for each sample. Following
electrophoresis, gels were stained with SYBR Green 1 and images captured using a Kodak Gel
Logic 200 running Molecular Imaging Software 4.0 (Eastman Kodak, Rochester, NY, USA).
Banding patterns were detected digitally and converted to binary data form (the absence or
presence of specific bands) for statistical analysis.
Bac 8f and Univ 1492r primers were used to amplify a larger portion of the 16S rRNA
gene for sequencing analysis, following reaction procedures described previously (Ibekwe et al.
2007). Based on the results of the DGGE analysis, PCR products obtained from replicate
mesocosms with the same vegetation treatment were pooled to produce an overall sample for
each treatment type. These mixed PCR products were cloned into artificial plasmid vectors (TA
TOPO Cloning, Invitrogen, Carlsbad, CA, USA) and a clone library was generated for each
vegetation treatment (J.effusus, C. lurida, D. acuminatum, unvegetated). For each clone library,
the first 500-600 base pairs in the inserts from 48 random clones for each sample were
sequenced. Sequences were aligned and classified using Greengenes (DeSantis et al. 2006).
Alignments were checked manually, and aligned sequences were incorporated into an existing
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16S rRNA gene phylogenetic tree of >8,600 16S rRNA gene sequences (Hugenholtz 2002) using
the ‗quick add by parsimony‘ function in ARB software (Ludwig et al. 2004). For tree
visualization, 16S rRNA sequences in the existing tree that were irrelevant for this study were
subsequently removed while maintaining accurate tree topology.
Statistical Analyses
Differences in growth rate, abiotic factors (pH, TKN, TP, organic matter, sediment
moisture) and sediment enzyme activity were tested using analysis of variance (ANOVA) with
Tukey‘s HSD test as a follow-up procedure to test for specific differences between vegetation
treatments. Community profiles obtained as binary data from DGGE were used to generate a
similarity matrix (Bray-Curtis distance measure) comparing different mesocosms. Similarity
scores were used to visualize groupings of mesocosms by both cluster analysis (nearest neighbor
group linkage method and non-metric multidimensional scaling (MDS) (Ramette 2007). All
multivariate analyses were performed using Primer 6 software (PRIMER–E, Ivybridge, PL, UK).
Species richness was estimated from the sequences detected in each clone library as the nonparametric diversity index Schao1 (Chao 1987) and also Good‘s coverage was estimated using a
web based application (Kemp and Aller 2004). Multiple regression analysis was carried out to
study the correlations between different abiotic parameters, enzyme activities and bacterial
communities. The partial 16S rRNA gene sequence obtained in this study has been deposited in
the GenBank database under accession numbers HM535008-535190 and a detailed list is
provided in the Appendix (A) of this dissertation.
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2.3. Results
Mesocosm Characteristics
All plant species grew over the eight week period of mesocosm establishment. Mean (+
standard error) increase in height was greatest for J. effusus (52% + 7%) followed by C. lurida
(25% + 4%) and D. acuminatum (10% + 1%). Growth of J. effusus and C. lurida was
significantly greater (p< 0.01) than that of D. acuminatum. The pH of the water in mesocosms
was significantly higher (p< 0.05) in unvegetated mesocosms (mean 6.5 + 0.28) compared to
mesocosms vegetated with J. effusus (5.1 + 0.02) or C. lurida (5.0 + 0.02) but similar to that in
mesocosms vegetated with D. acuminatum (6.0 + 0.03). Sediment moisture content did not
significantly differ between treatments (p>0.05, Figure 2.1a), nor did the organic matter content
of sediments (p>0.05, Figure 2.1b), which was generally low and accounted for less than 2.5% of
the total sediment dry weight. Total Kjedahl nitrogen (TKN) was significantly lower in
mesocosms vegetated with J. effusus or C. lurida than those vegetated with D. acuminatum or
left unvegetated (p<0.01, Figure 2.1c). Total phosphorus levels varied from 0.002 - 0.003 mg P/l
and were not significantly different between the mesocosms (p>0.05, Figure 2.1d).
Microbial Extracellular Activity
Activities of the hydrolytic enzymes β-glucosidase, phosphatase and NAGase did not
significantly differ between treatments (p> 0.05, Figure 2.2). Oxidative enzyme activity showed
more defined patterns with vegetation type: phenol oxidase activity was higher (p< 0.05) in
sediments of unvegetated mesocosms and those planted with D. acuminatum than those
containing C. lurida or J. effusus (Figure 2.3). Peroxidase activity showed a similar pattern, with
the lowest activity being observed in sediments collected from mesocosms planted with J.
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effusus and C. lurida. However, activity of this enzyme was also low in mesocosms containing
D. acuminatum, and peroxidase activity in unvegetated mesocosms was significantly higher (p<
0.05) than those planted with any type of vegetation (Figure 2.2). Results from linear regression
of peroxidase activity with plant height (final height measured before the day of sampling)
showed a biomass effect on the peroxidase activity (Figure 2.4). The peroxidase activity
decreased with increasing height of the plants (R2 =0.32, p<0.05).
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Figure 2.1. Sediment moisture (a), organic matter content (b), total kjeldahl nitrogen (c) and
total phosphorus (d) for freshwater wetland mesocosms planted with Carex lurida, Juncus ffusus,
Dichanthelium acuminatum var. acuminatum, or left unvegetated. Values are the means + SE.
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Figure 2.2. Activities (means + SE) of β-1,4-glucosidase, phosphatase and Nacetylglucosaminidase in sediment taken from freshwater wetland mesocosms planted with
Carex lurida, Juncus effusus, or Dichanthelium acuminatum var. acuminatum, or left
unvegetated.
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Figure 2.3. Activities (means + SE) of phenol oxidase, and peroxidase in sediment taken from
freshwater wetland mesocosms planted with Carex lurida, Juncus effusus, or Dichanthelium
acuminatum var. acuminatum, or left unvegetated.
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Figure 2.4. Linear regression of peroxidase activity with height of the plants in freshwater
constructed wetland mesocosms planted with Carex lurida, Juncus effusus, or Dichanthelium
acuminatum var. acuminatum, or left unvegetated.

Molecular Analysis of Bacterial Community Structure
Across all samples, a total of 79 distinct bands were observed in DGGE profiles of
amplified bacterial 16S rRNA gene fragments. DGGE profiles for sediment samples collected
from individual mesocosms showed a mean richness of 25 ( + 2) bands for J. effusus, 24 ( + 2)
bands for C. lurida, 20 ( + 0.5) for D. acuminatum, and 24 ( + 1) for the unvegetated treatment
(Figure 2.5). When binary DGGE profiles (presence-absence of specific bands) were used to
examine similarity in sediment bacterial community structure between vegetation types, samples
taken from different mesocosms with the same vegetation treatment tended to group together,
whether analyzed by hierarchical cluster analysis or MDS (Figure 2.6). This was especially
pronounced for mesocosms vegetated with C. lurida and D. acuminatum, and less so for those
planted with J. effusus, or those left unvegetated. However, even the sediment bacterial
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communities in unvegetated mesocosms could be separated from those with vegetation when
visualized through MDS (Figure 2.6b).
When the frequency of different 16S rRNA gene sequences in clone libraries was used to
derive estimates of species richness as SChao1, the most diverse bacterial communities appeared to
be in sediments planted with C. lurida (SChao1 = 163). Richness estimates for communities in the
other mesocosms were more similar to each other, although unvegetated sediments (SChao1 = 104)
may have contained slightly more diverse communities than those vegetated with either D.
acuminatum or J. effusus (SChao1 = 87 and 86, respectively). Good‘s coverage scores indicated
that just over 70% of the predicted diversity was sampled in this study. C. lurida had the highest
coverage (79%) followed by J. effusus (72%), D. acuminatum (71%) and unvegetated treatments
(71%).
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Figure 2.5. DGGE of 16S rRNA gene fragments amplified from bacterial communities in
sediments taken from freshwater wetland mesocosms vegetated with either Juncus effusus (J),
Carex lurida (C), Dichanthelium acuminatum var. acuminatum (D), or left unvegetated (X).
Numbers (1-4) indicate replicate mesocosms of each treatment and each sample represents a pool
of three replicate sediment samples taken from each mesocosm.
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(a)

(b)

Figure 2.6. Similarity of bacterial communities in freshwater wetland sediments vegetated with
either Juncus effusus (J), Carex lurida (C), Dichanthelium acuminatum var. acuminatum (D), or
left unvegetated (X). Numbers (1-4) indicate replicate mesocosms planted with each vegetation
type. Similarity is shown as a hierarchical dendrogram (a) and as a plot of multidimensional
scaling (MDS; stress= 0.3) obtained from cluster analysis of DGGE profiles (b).
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Sequences in the 16S rRNA gene clone libraries generated from each mesocosm type
were predominantly affiliated with the Acidobacteria, Proteobacteria and Firmicutes (Table
2.1). Within the Proteobacteria, representatives of the Alphaproteobacteria, Betaproteobacteria
and Deltaproteobacteria were found in all of the sediment samples, while the
Gammaproteobacteria were not detected in the sequences obtained from D. acuminatum and
were scarce in the other samples. Sequences affiliated with both Firmicutes and the
Alphaproteobacteria were less prevalent in clone libraries generated from unvegetated sediment;
each lineage accounting for just 4% of the clones sequenced from the unvegetated sample
compared to 11-19% (Firmicutes) and 11-15% (Alphaproteobacteria) for the different vegetated
treatments. Other lineages that accounted for substantial proportions of most of the clone
libraries included the Chloroflexi, Planctomycetes and Verrucomicrobia (Table 2.1).
While libraries from all mesocosm types generally contained more 16S rRNA gene
sequences affiliated with the Proteobacteria, Firmicutes, and Acidobacteria than other bacterial
taxa, the proportion of sequences affiliated with each of these lineages varied by treatment.
Phylotypes affiliated with the Proteobacteria (39% of sequenced clones) and the Firmicutes
(19% of sequenced clones) were the most common sequences obtained from the clone library
generated from C. lurida sediment. In contrast, the clone libraries generated from sediment that
was unvegetated, vegetated with J. effusus, or vegetated with D. acuminatum, were dominated by
phylotypes belonging to the Acidobacteria, which respectively accounted for 38%, 32%, or 43%
of the clones sequenced. Proteobacteria were the next most common sequences in those clone
libraries. Sequences affiliated with this lineage accounted for 26% of the clones sequenced from
the D. acuminatum and unvegetated libraries, and 22% of the clones sequenced from the J.
effusus library (Table 2.1). The most dominant families among the Proteobacteria were the
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Bradyrhizobiales (Alphaproteobacteria) and Geobacter (Deltaproteobacteria). These groups
were more dominant in the vegetated treatments (D. acuminatum and C. lurida respectively)
compared to unvegetated mesocosms. The list of bacterial species found in the clone library is
given in Table 2.2.

Phylogenetic group

C. lurida

J. effusus

D. acuminatum

Unvegetated

Alphaproteobacteria

15

11

13

4

Betaproteobacteria

9

5

4

8

Deltaproteobacteria

9

3

9

10

Gammaproteobacteria

6

3

0

4

Acidobacteria

17

32

43

38

Actinobacteria

0

0

2

6

Bacteroidetes

4

0

2

6

Chloroflexi

2

8

4

2

Cyanobacteria

0

5

0

2

Firmicutes

19

16

11

4

Gemmimonas

2

0

0

0

Planctomyces

2

5

9

4

Uncultured

6

5

2

4

Verrucomicrobia

9

8

0

6

Table 2.1. Percentage of 16S rRNA gene sequences affiliated with different Phylogenetic groups
of Bacteria in clone libraries generated from DNA recovered from wetland sediment in
mesocosms vegetated with either J. effusus, C. lurida, D. acuminatum, or unvegetated.
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Group

Species of bacteria

Treatment

Betaproteobacteria

Anoxobacterium dechloraticum

Unvegetated

Betaproteobacteria

Varlovorax paradoxus

C. lurida

Betaproteobacteria

Ferromanganous micronodule clone

C. lurida

Gammaproteobacteria

Methylomicrobium album

C. lurida, J. effuses

Alphaproteobacteria

Bradyrhizobium japonicum

C. lurida, D. acuminatum

Alphaproteobacteria

Ferromanganous micronodule clone

J. effuses

Alphaproteobacteria

Methylocystis echinoides

D. acumintaum

Alphaproteobacteria

Mesorhizobium sps

Unvegetated

Alphaproteobacteria

Nitrospina gracilis

C. lurida

Deltaproteobacteria

Desulfofustis glycolicus

Unvegetated

Deltaproteobacteria

Nannocystis exedens

D. acumintaum

Deltaproteobacteria

Stigmatella aurantiaca

Unvegetated

Deltaproteobacteria

Geobacter chapelleii

C. lurida

Bacteroidetes

Flexibacter aggregans

D. acumintaum

Planctomyces

Planctomyces sp

C. lurida

Cyanobacteria

Oscillatoria agardhii

J. effuses

Cyanobacteria

Leptolyngbya foveolarum

Unvegetated

Firmicutes

Oxobacter pfennigii

C. lurida, D. acuminatum

Firmicutes

Clostridium trybutyricum

C. lurida

Firmicutes

Pseudome gaterium

C. lurida, D. acuminatum

Firmicutes

Clostridium quercicolum

D. acumintaum

Firmicutes

Pleospora glutarica

C. lurida

Firmicutes

Peptococcus niger

D. acumintaum, Unvegetated

Table 2.2. List of bacterial groups and species identified from 16S rRNA gene sequences in
clone library generated from DNA recovered from wetland sediment in mesocosms vegetated
with either J. effusus, C. lurida, D. acuminatum, or unvegetated.
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Representatives of the Acidobacteria accounted for a substantial proportion of the
sequences sampled from each clone library. Most of the Acidobacteria sequences were affiliated
with Acidobacteria subdivisions 1, 3, 4, 6, and 8, and were generally most closely related to
uncultured bacteria detected through 16S rRNA gene sequencing of diverse environments
ranging from metal-contaminated sediments to forest soils (Figure 2.7). Phylotypes affiliated
with Acidobacteria subdivision 1 were particularly prevalent in the clone libraries generated
from sediment taken from D. acuminatum and J. effusus mesocosms, but were not detected in the
C. lurida sample, whereas phylotypes affiliated with Acidobacteria subdivision 3 were found in
the clone libraries generated from all treatments. Fewer phylotypes were detected that were
affiliated with Acidobacteria subdivisions 4, 6, and 8, and sequences affiliated with these
subdivisions were generally found in clone libraries obtained from just one or two types of
vegetation treatment.
Multiple correlations comparing abiotic and biotic variables indicated several interesting
patterns. The pH was negatively correlated to the activity of the three hydrolytic enzymes (R>0.77), sediment moisture (R=-0.90), organic matter (R= -0.83), and the amount of plant growth
(R=-0.96). Among the hydrolytic enzymes, phosphatase activity was positively correlated with
both β-glucosidase (R = 0.80) and NAGase activity (R = 0.80) and negatively correlated with
phenol oxidase activity (R = -0.97). Linear regression between peroxidase and final plant size
indicates a negative relationship (R2=0.32, p=0.05). Relating enzyme activities to community
composition, a negative correlation was found between the activities of β-glucosidase (R = 0.94), phosphatase (R = -0.90), and NAGase (R = -0.94) and the proportion of Actinobacteria
sequences in clone libraries. However, the activity of these hydrolytic enzymes was positively
correlated with the proportion of Firmicutes (R > 0.85), and the proportion of this lineage was
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also negatively correlated with activity of the oxidative enzymes, phenol oxidase (R = -0.90) and
peroxidase (R = 0.91). Acidobacteria sequences in clone libraries were positively correlated to
phenol oxidase activity (R = 0.82) and this lineage were negatively correlated to phosphatase
activity (R = -0.82).
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Figure 2.7. Phylogenetic tree showing 16S rRNA gene sequences affiliated with the
Acidobacteria that were detected in clone libraries generated from sediments in freshwater
mesocosms vegetated with either C.lurida, J. effusus, D.acuminatum, or unvegetated. Sequences
are designated by the vegetation treatment that they were associated with and a number relating
to the specific clone within a library. Numbers in parentheses indicate multiple clones in a library
were detected with that sequence. Related sequences are shown for reference and are represented
by GenBank accession numbers if uncultured.
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2.4. Discussion
Constructed wetlands are important for non-point source pollution control and for
improving water quality (Vymazal 2007). Despite wide use of this technology, little is known
about the microbial populations involved in biotransformation and removal of contaminants in
these systems (Iasur-Kruh et al. 2010). Determining the importance of biological factors in
shaping microbial community composition and activity is a topic of continuing interest (Bossio
et al. 1998, Girvan et al. 2003). Microbial enzyme activity in wetland sediments is potentially
affected by biological factors, soil variables, and prevailing climatic conditions (Reboreda and
Caçador 2008, Duarte et al. 2009). By performing a mesocosm greenhouse-based study we were
able to control soil and climatic factors, so that we could specifically examine the effect of plant
species composition on both sediment enzyme activities and bacterial community structure.
The major impact of plant species on sediment enzyme activity was seen for phenol
oxidase and peroxidase, with the suggestion that certain types of vegetation (especially C. lurida,
J. effusus) decreases the activity of these enzymes compared to unvegetated sediments. There is
limited existing information on the effect of plant species on oxidative enzyme activity in
wetlands, but both phenol oxidase and peroxidase are involved in the mineralization of lignin
and phenolic materials, and their activity is enhanced by availability of molecular oxygen to act
as an electron acceptor (Fierer and Jackson 2006, Sinsabaugh 2010). Extracellular phenol
oxidase activity can still occur under oxygen-deprived conditions, potentially through the ironmediated production of OH radicals which allow phenol oxidase catalyzed oxidation of
phenolics to occur (Bodegom et al. 2005). It is possible that the growth of vegetation reduced the
availability of either molecular oxygen or iron, which could result in a decrease in phenol
oxidase activity. Alternatively, higher plant growth can result in the greater sorption of phenolic
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compounds in soils (Inderjit 1997), so that the observed reductions in oxidative enzyme activity
may actually reflect lower substrate availability in vegetated mesocosms instead of a direct effect
on enzyme activity.
D. acuminatum exhibited the poorest growth amongst the three plants used for the study
(only two thirds of the growth shown by C. lurida and less than half of the growth of J. effusus)
suggesting that differences in plant growth might indeed account for patterns in phenol oxidase
and peroxidase activity. Mesocosms that were planted with D. acuminatum did not show the
lower phenol oxidase activity as seen for J. effusus and C. lurida although they did show slightly
lower peroxidase activity than unvegetated sediments. The fact that sediments with less
vegetation appear to show greater oxidative enzyme activity is interesting from an applied point
of view, as it suggests that unvegetated constructed wetlands might be more efficient in treating
phenol rich wastewater (pesticides, industrial waste, and pharmaceutical waste) than vegetated
systems.
Bacterial community structure was examined through two 16S rRNA gene approaches:
DGGE and cloning/sequencing. For each sediment type, bacterial diversity derived from DGGE
gels suggest lower richness values than the richness estimate, SChao1 that was derived from the
frequency of phylotypes in clone libraries. This is consistent with the concept that DGGE gives
only a crude assessment of community structure and often underestimates diversity for complex
microbial communities (Nakatsu 2007). DGGE does, however, provide a useful means of
comparing the overall structure of different communities, and NMS and hierarchical cluster
analysis of DGGE profiles showed that mesocosms with the same vegetation type tended to
contain similar bacterial communities. This suggests that presence or type of vegetation does
influence the bacterial community structure in freshwater wetland sediments, and plants have
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been suggested as being the main factor determining soil bacterial community structure in other
systems (Nusslein and Tiedje 1999, Kuske et al. 2002, Johnson et al. 2003).
Other studies have reported the Acidobacteria and Proteobacteria to be the most
dominant groups of bacteria present in freshwater wetlands (Nold and Zwart 1998, Hartman et
al. 2008, Jackson et al. 2009) and sequences affiliated with these groups, along with the
Firmicutes, were the most common sequences in the clone libraries generated in this study.
Accounting for the differences in the representation of these and other bacterial groups in the
clone libraries obtained from the different vegetation treatments is difficult, but any of the factors
that resulted in changes in microbial enzyme activity or overall community structure could have
led to changes in specific bacterial lineages. Absence of vegetation can reduce the abundance of
Alphaproteobacteria in terrestrial systems (Thomson et al. 2010) and our results show a similar
pattern, as the representation of Alphaproteobacteria in the clone library generated from
unvegetated sediment was lower compared to the other clone libraries. Other major bacterial
lineages detected in the clone libraries (e.g. the Acidobacteria, Verrucomicrobia,
Planctomycetes, and Chloroflexi) have typically been found in surveys of other wetlands
(Ibekwe et al. 2003, Jackson et al. 2009), and likely form part of the bacterial community in
many aquatic sediments.
Acidobacteria are likely one of the most abundant groups of soil bacteria (Dunbar et al.
1999), but we know little about their ecology (Barns et al. 1999, Fierer and Jackson 2006), other
than that they are generally less abundant in soils with higher concentrations of organic carbon
(Axelrood et al. 2002). In this study, the representation of Acidobacteria sequences in clone
libraries was positively correlated to phenol oxidase activity, suggesting that they may play an
important role in the degradation of phenolic compounds. A positive correlation of the
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proportion of Acidobacteria to nitrogen availability of sediments also suggests that nitrogen
availability may influence their distribution. Alternatively, it could indicate a negative
correlation between Acidobacteria and carbon, which could be a substrate for other bacteria that
immobilizes nitrogen. Future studies are needed to determine the factors that influence specific
microbial populations in wetlands, as well as to determine what roles these specific groups are
playing.
The influence of plant species on sediment microbial community structure may be linked
to the process of rhizodeposition, although most studies on this phenomenon have occurred
mostly in agricultural systems (Grayston et al. 1997, Marschner et al. 2001, Singh et al. 2007).
Certain plants exude organic acids which can lead to the selection of microorganisms that are
tolerant to acidic conditions (Ohwaki and Hirata 1992). Dauciform cluster roots are a common
characteristic of Carex species, and produce organic acids, which can impact sediment microbial
populations (Davies et al. 1973, Wenzel et al. 1994). Similarly, J. effusus is known to release
chemicals such as indole acetic acid through its roots (Halda-Alija 2003). In our study, the pH of
all of the vegetated mesocosms was slightly lower than unvegetated sediments, so that the
differences in bacterial community composition in the vegetated sediments (particularly Carex
and Juncus) could be associated with differences in chemicals deposited by rhizodeposition. In
wetland sediments, pH is often inversely correlated to redox potential (Mitsch 2000).
Development of oxidized zone in the sediment due to radial loss of oxygen by plants could have
contributed to the increase in redox potential; which subsequently caused a decrease in pH.
While these differences would to be more pronounced in the rhizosphere (Marschner et al. 2001),
differentiation between the rhizosphere and bulk sediment was difficult in this study as the roots
of all of the plants used are fibrous and diffuse. However, the densities of the root mats were
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high in all mesocosms so that rhizodeposition effects would likely have extended into most of
the sediment.
Overall, this study indicates that both the presence and type of vegetation can impact
microbial activity and bacterial community structure in wetland sediments. Changes in both
community structure and activity occurred over just eight weeks, suggesting that management
strategies could be developed to optimize wetland bacterial communities for the treatment of
agricultural runoff and wastewater in constructed wetlands. The type of vegetation influences the
bacterial community structure which in turn regulates the community function and could
improve the degradation of pollutants in constructed wetland systems. Therefore, presence of
vegetation may be an important factor that determines the effectiveness of these systems in
pollutant mitigation.
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CHAPTER 3
Sediment Microbial Enzyme Activities in Phosphorus-Loaded Vegetated and Unvegetated
Constructed Wetlands2

Abstract
Constructed wetlands are commonly used for the retention of nutrients from agricultural
runoff and soil microorganisms play an important role in the cycling of phosphorus and other
nutrients in these wetlands. Understanding the microbial activity associated with specific wetland
plant species is necessary for designing efficient constructed wetlands for best management
practices. A greenhouse study was conducted to evaluate the influence of vegetation on
microbial enzyme activities in phosphorus-loaded wetland sediments. Mesocosms containing
wetland sediment were planted with Juncus effusus, Carex lurida, Dichanthelium acuminatum
var. acuminatum, or remained unvegetated. After eight weeks of acclimatization, mesocosms
were dosed in August 2007 with 2.5mg/L of phosphorus administered over eight hours. Surface
sediment samples were taken from each mesocosm on 1, 14, 28, 42 and 56 days after the day of
dosing and assayed for the activities of five extracellular enzymes (β-1,4-glucosidase,
phosphatase, N-acetylglucosaminidase, phenol oxidase and peroxidase) involved in carbon and
nutrient cycling. Enzyme activities after phosphorus loading were compared to the enzyme
activities in the sediment before phosphorus loading. After phosphorus loading, phosphatase
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activity was significantly higher in unvegetated sediment compared to vegetated sediment on all
but the second sample date, while the activities of phenol oxidase and peroxidase were higher in
unvegetated sediments towards the end of the study (days 42 and 56). No influence of the
presence or type of vegetation was found on β-glucosidase or NAGase activity in sediments in
phosphorus- loaded sediments. Phosphorus loading increased the activities of oxidative enzymes
and decreased the activity of hydrolase enzymes. These results indicate that vegetation
influences the activity of specific microbial enzymes in phosphorus-loaded wetland sediments,
and that the presence of vegetation should be considered when designing constructed wetlands
for the treatment of waste water rich in phosphorus or phenolic compounds.
3.1. Introduction
Agricultural runoff is a major source of non-point pollution contributing to eutrophication
(Carpenter et al. 1998). One of several best management practices, recommended for the removal
of nutrients and pesticides from agricultural runoff is the use of constructed wetlands (Cooper et
al. 2004, Bouldin et al. 2005). Constructed wetlands remove nutrients through a variety of
physical, chemical, and biological processes (Vymazal 2007). Wetland plants remove pollutants
via direct assimilation into their tissue and also by providing surfaces for the growth and
development of microbial populations that can transform pollutants (Brix 1993). Soil
microorganisms are important degraders of contaminants and, hence, play a significant role in
determining the nutrient removal efficiency of constructed wetlands (Stottmeister et al. 2003).
As well as being important in the removal of contaminants, soil microorganisms are
important in nutrient cycling and organic matter decomposition (Burns 1982). Soil microbes
degrade complex organic compounds into small molecules through the activity of extracellular
enzymes, which catalyze rate-limiting steps of decomposition and nutrient mineralization
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(Sinsabaugh 1994). Therefore, soil enzyme activity has been proposed as an important
component of treatment wetlands and manipulating enzyme activity may increase the nutrient
removal rates of wetlands (Shackle et al. 2000). Despite the fact that removal of nitrogen and
phosphorus is a consequence of processes mostly driven by microorganisms, only a limited
number of studies have focused on microbial enzyme activity in constructed wetlands (Truu et
al. 2005, Tao et al. 2007).
Macrophytes are an essential component of most constructed wetlands (Brix 1997,
Vymazal 2007). Nutrient loading can result in changes in vegetation, which have been shown to
impact soil microbial enzyme activity and nutrient cycling in wetlands (Prenger and Reddy
2004). The influence of wetland plants on sediment enzyme activities could be an important
function of plants in water quality amelioration and may suggest efficient ways to operate
constructed wetlands as sinks for nutrients. The aims of this study were to examine the influence
of the presence and type of vegetation on microbial enzyme activities in phosphorus-loaded
wetland sediments, and to study the relationships between abiotic factors and enzyme activities
in these systems.
3.2. Materials and Methods
A greenhouse mesocosm experiment was conducted to study microbial enzyme activities
in vegetated and unvegetated wetlands loaded with phosphorus. Mesocosms representing
vegetated and unvegetated constructed wetlands were established in June 2007, as described
previously (Menon et al. submitted). Briefly, sixteen plastic barrels (volume =105 L) were filled
with sediment and water to maintain a 10 cm depth water column and left to acclimatize for two
weeks. After that time, plants were collected from ponds at The University of Mississippi Field
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Station (UMFS) and planted into the mesocosms. The three species of plants used for the study
were Juncus effusus (common rush), Carex lurida (shallow sedge) and Dichanthelium
acuminatum var. acuminatum (tapered rosette grass). Each vegetated mesocosm was planted
with thirty three individual plants, with four replicate mesocosms established per plant species.
The remaining four mesocosms were left unvegetated. Initial shoot length of plants in each
mesocosm was measured, and mesocosms were left undisturbed for eight weeks to allow plants
to become established. Throughout that time, and for the remainder of the study, aquarium
dosers were used to maintain the 10 cm water column by delivering UMFS ground water at a
rate of 2.7L/day. The flow rate was maintained at 5.5 x 10 -5 L/sec and the system represented a
free flowing constructed wetland.
After eight weeks (August 2007) mesocosms were dosed with 18 liters of 2.5 mg/L of
phosphorus (total dose of 45 mg). Source of phosphorus was potassium phosphate in ground
water. Samples for sediment enzyme analysis and chemical analyses were collected one day
prior to dosing, 24 hours after the dosing began and at 14 day intervals thereafter (days 1, 14, 28,
42 and 56). On each sample date, three sediment samples were taken from the top 10 cm of each
mesocosm (48 samples total) using a soil core sampler (1.9 cm diameter). The three subsamples
were pooled together and mixed to homogenize and a subsample (5 g) was taken for immediate
determination of microbial enzyme activity. A second 10 g subsample was weighed, dried (65°C,
48 h), and ashed (500°C, 2 h) to determine organic matter content as ash free dry mass. A final
subsample (1 g) was analyzed for total phosphorus (TP) concentration using an ammonia
persulfate digestion procedure with Dionex ion chromatograph (Murphy and Riley 1962, APHA
1998). On each sampling date, pH of the water samples in each mesocosm was measured using a
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portable pH meter (Accumet AR 25). Growth rate was calculated by measuring the plants in each
mesocosm on the first and last day of sampling (day 1 and on day 56)
Samples were analyzed for the activity of five extracellular enzymes: β-1,4-glucosidase
(EC 3.2.1.21), phosphatase (EC 3.1.3.2), N-acetylglucosaminidase (NAGase; EC 3.2.1.52),
phenol oxidase (EC 1.10.3.2) and peroxidase (EC 1.11.1.7). These enzymes are involved in the
decomposition of cellulose (β-1,4-glucosidase), the mineralization of phosphorus (phosphatase),
the decomposition of chitin (NAGase), and the degradation of polyphenolic compounds (phenol
oxidase and peroxidase). Sediment material (5 g) was homogenized in 50 mM pH 5.0 acetate
buffer (Jackson and Vallaire 2007) to yield 10 mL slurries. For each enzyme, four 150 μl
replicates of each sample slurry were incubated with 150 μl of the appropriate artificial substrate
solution for 2–4 h. Substrates for β-1,4-glucosidase, phosphatase, and NAGase were linked to pnitrophenol and activity for these enzymes was determined from absorbance at 410 nm in the
presence of 0.067 M NaOH, as described previously (Jackson et al. 2006). L-3,4dihydroxyphenylalanine (L-DOPA) was the substrate used to assay both phenol oxidase and
peroxidase activity, with peroxidase assays also receiving hydrogen peroxide to 0.015%. Activity
for these assays was determined from absorbance at 460 nm (Jackson and Vallaire 2007).
Substrate controls (in duplicate) consisted of incubations of the substrate for each enzyme
without the addition of sediment slurry, while duplicate sample controls for each sample
consisted of 150 μl of the sediment slurry incubated without any substrate. Final enzyme
activities were expressed as µmol substrate consumed per hour per gram dry weight of sediment.
Differences in enzyme activity between treatments and replicates were tested using repeated
ANOVA. Correlations among biotic and abiotic factors were analyzed using multiple regression.
All statistical analyses were done using JMP 7.0 (SAS, NC, USA).
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3.3. Results and Discussion
Wetland plants release organic carbon into the soils via root exudates, root debris, plant
residue, and changes in the physiochemical environment of the soils which influence the
activities of microbial enzymes in sediments (Roura-Carol and Freeman 1999). Over the entire
study period, J. effusus showed the greatest growth (mean growth of 71% + 5.7%) followed by
C. lurida (mean growth of 54% + 2.5%) and D. acuminatum (mean growth of 21% + 2.3%).
These differences were statistically significant (p< 0.01). The organic matter content of sediment
samples in the mesocosms ranged from 0.1 to 0.3 % and did not significantly differ between the
groups before or after dosing with phosphorus (Figure 3.1). Total phosphorus concentration in
the sediment was similar in all the mesocosms (p>0.05) and declined throughout the study
(Figure 3.2). The background total phosphorus in the sediment was relatively low for all the
mesocosms and is given in figure 2.1 (chapter 2). This may be due to the one time dosing with
phosphorus and inorganic phosphorus being utilized by the plants and microorganisms over time.
Phosphorus loading increased the pH in the vegetated mesocosms. A temporal variation in pH
was seen for all vegetated mesocosms. The pH values increased on day 28 followed by a
decrease on day 42. The pH of the water column in vegetated mesocosms with J. effusus and C.
lurida were lower than that in unvegetated mesocosms (Figure 3.3, p<0.01). This indicates an
influence of vegetation on pH and this may be because of the changes in the sediment physiochemical environment caused by the radial loss of oxygen through the roots of wetland plants.
Lower pH associated with vegetated sediment has been previously reported in marsh soils
(Koretsky et al. 2005).
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Figure 3.1. Organic matter concentrations (mean + SE, n = 4) in sediments taken before dosing
(day 0) and on days 1, 14, 28, 42 and 56 since dosing with phosphorus from wetland mesocosms
vegetated with Carex lurida, Juncus effusus, or Dichanthelium acuminatum var. acuminatum, or
left unvegetated.
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Figure 3.2. Total phosphorus (mean + SE, n = 4) concentration in sediments taken over days 1,
14, 28, 42 and 56 since dosing with phosphorus from wetland mesocosms vegetated with Carex
lurida, Juncus effusus, or Dichanthelium acuminatum var. acuminatum, or left unvegetated.
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Figure 3.3. pH concentrations in the water samples taken before dosing (day 0) and on days 1,
14, 28, 42 and 56 since dosing with phosphorus from wetland mesocosms vegetated with Carex
lurida, Juncus effusus, or Dichanthelium acuminatum var. acuminatum, or left unvegetated.
Values are mean + Standard Error (n=4)

β-glucosidase activity was similar between vegetated and unvegetated sediments and
showed no temporal variation after dosing (p>0.05, Figure 3.4). β-glucosidase activity has been
found to be sensitive to soil management and has been proposed as a soil quality indicator
because it provides an early indication of changes in organic matter status (Ajwa and Tabatabai
1994). Our results showed no influence of the presence or type of vegetation on β-glucosidase
activity which is consistent with results from other studies on the influence of vegetation on βglucosidase activity (Bandick and Dick 1999, Ndiaye et al. 2000). The activity of β-glucosidase
was higher before the mesocosms were dosed (chapter 2) and decreased after the mesocosms
were dosed with phosphorus (Figure 3.4). Similarly, NAGase activity did not differ between
vegetated and unvegetated mesocosms (P>0.05) after dosing although the activity of this enzyme
increased on day 14 for all mesocosms (Figure 3.5). Also, NAGase activity decreased after
dosing with phosphorus both vegetated and unvegetated mesocosms (Figure 3.5).
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Figure 3.4. β-1,4-glucosidase (mean + SE, n = 12) activity in sediments taken before dosing (day
0) and on days 1, 14, 28, 42 and 56 since dosing with phosphorus from wetland mesocosms
vegetated with Carex lurida, Juncus effusus, or Dichanthelium acuminatum var. acuminatum, or
left unvegetated.
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Figure 3.5. NAGase (mean + SE, n = 12) activity in sediments taken before dosing (day 0) and on
days 0, 1, 14, 28, 36, 42 and 56 since dosing with phosphorus from wetland mesocosms vegetated
with Carex lurida, Juncus effusus, or Dichanthelium acuminatum var. acuminatum, or left
unvegetated.
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Figure 3.6. Phosphatase (mean + SE, n = 12) activity in sediments taken before dosing (day 0)
and on days 0, 1, 14, 28, 42 and 56 since dosing with phosphorus from wetland mesocosms
vegetated with Carex lurida, Juncus effusus, or Dichanthelium acuminatum var. acuminatum, or
left unvegetated.

Phosphatase activity was significantly (p<0.01) higher in samples collected from
unvegetated mesocosms than vegetated mesocosms, with the exception of day 14, Figure 3.6).
Phosphatase activity was similar for all mesocosms before dosing (see chapter 2). Phosphatase
activity decreased for vegetated treatments and increased for unvegetated mesocosms after
dosing. This indicates an effect of phosphorus on phosphatase enzyme activities. Phosphatase
activity of all the treatments showed temporal variation with a decreasing pattern towards the end
of the study. Phosphatase enzyme activity varied with vegetation, time, organic matter and pH
(R2 = 0.35, p<0.0001). Previous studies on phosphorus enrichment to natural or model systems
indicate that a negative relationship exists between inorganic phosphate concentration and
phosphatase activity (Qualls and Richardson 2000, Newman et al. 2003). In our study, the total
phosphorus levels in both unvegetated and vegetated mesocosms were similar but towards the
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end of the study phosphatase activity was higher in unvegetated mesocosms compared to
vegetated mesocosms.
Phenol oxidase and peroxidase are primarily involved in the degradation of lignin and
phenolic compounds (Sinsabaugh 2010). Activities of phenol oxidase and peroxidase were
significantly higher in unvegetated mesocosms compared to vegetated sediments before dosing
(Chapter 2) but after dosing with phosphorus the oxidative enzyme activities were high in
vegetated mesocosms compared to unvegetated mesocosms. However, towards the end of the
experiment the oxidative enzyme activities were significantly lower in vegetated sediments than
in unvegetated sediments (p< 0.05, Figures 3.7 and 3.8). Factors known to influence phenol
oxidase and peroxidase activities in wetland sediments include the concentration of soluble
phenolic compounds, the lignin content of plant litter, sediment pH, and nutrient availability
(Williams et al. 2000). Results showed an influence of phosphorus loading and vegetation on the
phenol oxidase and peroxide activities. Activity of oxidative enzymes showed a sharp decreased
14 days after dosing. The activities increased on day 1 (when there was a phosphorus spike),
decreased on day 14 and increased for day 28 and remained high till the end of the experiment.
The increase from day 28 onwards till the end of the experiment may be due to the release of
phosphorus due to plant senescence (see chapter 5). These results indicate that nutrient loading
can influence sediment microbial enzyme activities. This indicates that microorganisms in the
sediment were mineralizing the phosphorus loaded into the system.
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Figure 3.7. Phenol oxidase (mean + SE, n = 12) activity in sediments taken before dosing (day
0) and on days 1, 14, 28, 42 and 56 since dosing with phosphorus from wetland mesocosms
vegetated with Carex lurida, Juncus effusus, or Dichanthelium acuminatum var. acuminatum, or
left unvegetated.
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Figure 3.8. Peroxidase in sediments taken over days 1, 14, 28, 42 and 56 since dosing with
phosphorus from wetland mesocosms vegetated with Carex lurida, Juncus effusus, or
Dichanthelium acuminatum var. acuminatum, or left unvegetated.
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Oxidative enzyme activities are often higher than that of hydrolase enzyme activities in
soil (Sinsabaugh 2010). Our results indicate a negative correlation between NAGase and
oxidative enzymes (R = - 0.53 for phenol oxidase and R = -0.55 for peroxidase enzyme activity).
Towards the end of the experiment, there was a decrease in NAGase and phosphatase activities;
however, the oxidative enzyme activities showed an increase. Multiple regression analysis shows
that phenol oxidase activity is influenced by the total phosphorus concentration in the sediments
and duration from the dosing (R2 = 0.73, p<0.0001).
The efficiency of wetlands to function as sinks may be related to the nutrient loading and
influence of plant species on the sediment microbial enzyme activities. It is generally found that
planted wetlands outperform unplanted controls in nutrient retention (Gagnon et al. 2007). The
results from this study show that the presence of plants and phosphorus loading can influence the
activity of phosphatase, phenol oxidase and peroxidase enzymes. Phosphorus-loading decreased
the hydrolytic enzyme activities and increased the oxidative enzyme activities (Phenol and lignin
degrading enzymes). This indicates that phosphorus loaded constructed wetlands vegetated with
J. effusus and C. lurida would be useful for treating waste water rich in phenolic compounds and
that the presence of vegetation should be considered when designing constructed wetlands.
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CHAPTER 4
Phosphorus Retention in Constructed Wetlands Vegetated with Juncus effusus, Carex
lurida and Dichanthelium acuminatum var. acuminatum and Unvegetated Constructed
Wetlands3

Abstract

Vegetated constructed wetlands are used for sequestration of nutrients from agricultural
runoff. A greenhouse experiment was conducted to study the phosphorus retention rates in
unvegetated and vegetated constructed wetlands planted with Juncus effusus (J. effusus), Carex
lurida (C. lurida) and Dichanthelium acuminatum var. acuminatum (D. acuminatum).
Mesocosms were planted with monocultures of J. effusus, C. lurida, D. acuminatum; or mixed
cultures with J. effusus, C. lurida and D. acuminatum; or remained unvegetated. Mesocosms
were dosed with 2.5 mg/L of phosphorus once every month for six months (June to November)
in 2008 and 2009. Water samples were collected eight hours after dosing and were analyzed for
soluble inorganic phosphorus, particulate phosphorus and total phosphorus. Sediment and plant
samples were also collected with the water samples and were analyzed for total phosphorus.
Results indicate that all vegetated treatments were effective in removing phosphorus and had at
least 70 % removal rate in 2008 and 2009. Unvegetated mesocosms showed 80 % removal rate
in 2008 and 65 % in 2009. Monoculture of C. lurida and J. effusus along with the mixed culture

3
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treatment indicated at least 77% of removal rates. These results indicate that vegetated
mesocosms had higher phosphorus removal rates compared to mesocosms with no vegetation.
Thus, the study suggests that phosphorus removal rates could be enhanced by using vegetated
constructed wetlands with either monoculture or mixed culture stands of J. effusus and C. lurida.

4.1. Introduction

Eutrophication caused by excessive inputs of phosphorus (P) and nitrogen (N) from
agricultural runoff is the most common non-point source of impairment of surface waters in the
United States (Carpenter et al. 1998, Day et al. 2003, Needelman et al. 2007). Best management
practices developed to control eutrophication rates include vegetated constructed wetlands and
buffer strips (Reddy and D'Angelo 1997, Vymazal et al. 1999). Constructed wetlands are used
for treating agricultural runoff, and several studies have indicated that vegetation in constructed
wetlands substantially reduces nutrient loads (Bouldin et al. 2004, Cooper et al. 2004, Stutter et
al. 2009). At times, constructed wetlands are introduced as a black box cure for pollutant
reduction and little care is given to the maintenance necessary to keep them functioning for
extended periods of time (Vymazal 2007). Given the investments made in constructing wetlands,
the amount of farming land taken out of production and the critical role they are intended to play
in protecting the health and quality of the nation‘s water bodies, there is a clear need to design
efficient constructed wetlands (Vymazal 2007).

Pollutants passing through constructed wetlands are removed through a combination of
physical, chemical and biological processes including sedimentation, precipitation, adsorption to
soil particles, assimilation by the plant tissue and microbial transformations (Watson et al. 1989,
Brix 1994). Based on the type of vegetation, constructed wetlands can be classified into free73

floating macrophyte based systems, emergent macrophyte based systems and submerged
macrophyte based systems (Brix 1994). Emergent macrophyte based systems can be further
classified into free water surface flow, subsurface horizontal flow and vertical flow systems
(Vymazal 2007). Free water surface flow systems are flooded, and the water surface is exposed
to the atmosphere while, in subsurface flow systems, the water level is maintained below the soil
medium. Free surface flow constructed wetlands have been used to treat agricultural runoff
(Coveney et al. 2002, Scholz et al. 2007). These wetlands are typically vegetated with aquatic
plants to assimilate and filter nutrients (Peterson and Teal 1996, Kao et al. 2003). Phosphorus (P)
retention in wetlands includes surface adsorption on soil (Zurayk et al. 1997), precipitation
(Reddy et al. 1987), microbial immobilization (Newbold et al. 1983), and plant uptake (Reddy et
al. 1995). Phosphorus sorption includes both adsorption and absorption reactions and this
mechanism of phosphorus removal (sorption) has a saturation threshold (Craft and Richardson
1993, Reddy et al. 1999). Precipitation reactions occur on the surfaces of sediment particles. The
amount of phosphorus that will precipitate as complexes like ferric phosphate, aluminum
phosphate and calcium phosphate depends on factors like amount of exposed soil surface, and
presence of aluminum, iron or calcium ions in the soil (Reddy and D'Angelo 1997). Plants use
phosphorus for growth but release phosphorus back into the water column due to decomposition
and nutrient leaching of plant litter (Kao et al. 2003). The biomass storage mechanism has a
finite phosphorus retention capacity whereas accretion contributes to the long-term storage of
phosphorus (Craft and Richardson 1993). Most phosphorus transformations mediated by
microorganisms involve the mineralization of organic to inorganic phosphates (Gutknecht et al.
2006).

74

Wetland plants are an integral part of constructed wetland systems, but there is little
quantitative information available comparing their growth characteristics and treatment
performance in constructed wetland systems (Tanner 1996, Vymazal 2007). Functions of aquatic
plants in constructed wetlands include attenuating flow, changing local chemical environments,
reducing suspended particles and nutrient retention (Silvan et al. 2004, Vymazal 2007). Different
plant species vary in their capacity for nutrient retention and sometimes there is no difference in
the nutrient removal capacity of unvegetated and vegetated constructed wetlands or among
different plant species (Kadlec and Knight 1996, Baldizon et al. 2002, Calheiros et al. 2007).
This may be due to differences in factors like tissue structure and physiological characteristics of
the plant species used in the experiment. Tissue concentrations of phosphorus in 41 different
plant species were found to vary from 0.13% to 1.1% of plant biomass in dry weight (McJannet
et al. 1995). Therefore, information about nutrient immobilization by different plant species is
crucial for designing and developing efficient treatment wetlands.

Natural wetlands are typically dominated by single vascular plant species (Bedford et al.
1999). The responses of species in a mixed community are linked to changes in nutrient
assimilation and are mostly attributed to changes in competitive interactions (Weaver 1954).
Studies indicate that there is no difference in the nutrient removal potential of monoculture and
mixed culture wetlands (Zhang et al. 2007). Other studies have shown that mixed cultures were
more efficient in reducing nutrient levels than monocultures (Coleman et al. 2001, Engelhardt
and Ritchie 2002). The effect of competition between macrophytes on uptake and storage of
phosphorus is poorly understood (Zhang et al. 2007). The main objectives of this study were to
assess the phosphorus retention capacity of unvegetated and vegetated constructed wetlands with
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three wetland macrophyte plants, Juncus effusus, Carex lurida and Dichanthelium acuminatum
var acuminatum; either in monoculture or mixed culture.

4.2. Materials and Methods

Greenhouse Experiment

A greenhouse experiment was conducted to compare the phosphorus retention capacity of
unvegetated constructed wetlands and constructed wetlands vegetated with Juncus effusus (J.
effusus), Carex lurida (C. lurida) and Dichanthelium acuminatum var. acuminatum (D.
acuminatum). Juncus effusus (common rush), Carex lurida (shallow sedge) and Dichanthelium
acuminatum var. acuminatum (tapered rosette grass) were chosen for the study since they are
commonly occurring wetland plants of South Central US (USDA 2007). The three species
chosen for this study are common perennial herbaceous wetland plants belonging to the
Juncaceae, Cyperaceae and Poaceae families respectively (USDA 2007).

Mesocosms representing constructed wetlands were established in June 2007 by filling
20 plastic barrels (volume =105 liters) with sediment (mixture of sand and clay) taken from
unused ponds at the University of Mississippi Field Station (UMFS), Abbeville, MS (Figure1).
The inner sides of barrels containing holes for the PVC pipes were sealed with mesh cloth to
prevent the loss of the sediment. Mesocosms were maintained in the UMFS greenhouse facility.
Mesocosms were filled with groundwater to 10 cm depth above the sediment surface and left to
acclimatize for two weeks. Plants were then collected from UMFS wetlands and planted into the
mesocosms. Each vegetated mesocosm was planted with thirty three individual plants, with four
replicate mesocosms per plant species. The remaining four mesocosms were left unvegetated.
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Each barrel simulates a constant flow through a constructed wetland. An aquarium doser (18
liter) was used to supply water to the barrels. An outflow (PVC pipe fitted with a valve at
0.025m depth above the sediment level) was used for collecting outflow samples and
maintaining the flow rate. Half-inch PVC pipes were connected to half-inch PVC valves and the
whole system was connected to greenhouse floor drains (Figure 4.1). Initial shoot length of
plants in each mesocosm was measured, and mesocosms were left undisturbed for eight weeks to
allow plants to become established. After eight weeks (in August 2007), shoot height was
measured again to verify that plants were established in each mesocosm. Mesocosms were dosed
once in August 2007 with 18 liters of 2.5mg/l of phosphorus. Mesocosms were maintained for
one year prior to initiation of this experiment. Mesocosms were dosed with 2.5 mg/L of
phosphorus, using a nineteen liter aquarium doser, on 22nd of every month from June to
November, both in 2008 and 2009. Each dose consisted of 18 liters of 2.5 mg/L of phosphorus
applied over eight hours. The phosphorus concentration was selected based on the concentration
of phosphorus (0.01 to 3.0 mg P L -1) commonly found in agricultural runoff (Frossard et al.
2000). Figure 4.1. illustrates the flow through the constructed wetland system. Water (outflow)
and sediment samples were taken one day prior to the first day of sampling and then after 8 hours
of dosing and analyzed for pH, filtered orthophosphate, total orthophosphate, total phosphorus
and sediment microbial biomass phosphorus, organic matter and sediment moisture.
Aboveground tissue was also clipped one day prior to the first day of sampling and then after 8
hours of dosing and analyzed for total phosphorus using ammonium persulfate digestion
procedure using a Dionex ion chromatograph (Murphy and Riley 1962, APHA 1998).

The pH of the water samples in each mesocosm was measured using a portable pH meter
(Accumet AR 25 dual-channel pH meter). Each sample was mixed and a subsample (10g) taken
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for determination of sediment microbial biomass phosphorus using the chloroform-fumigation
extraction method (Brookes et al. 1982, Jeannotte et al. 2004). Another subsample
(approximately 10 g) of each sediment sample was weighed, dried (65°C, 48 h), and ashed
(500°C, 2 h) to determine sediment moisture content and organic matter content (as ash free dry
mass). Sediment moisture content (MC) is calculated using the formula, MC% = (water weight/
dry weight)*100. A final subsample of 1g of each sediment sample was analyzed for total
Kjeldahl nitrogen (TKN) and total phosphorus (TP) concentrations using ammonia persulfate
digestion procedure using Dionex ion chromatograph (Murphy and Riley 1962, APHA 1998).
Nutrient removal rate was calculated using the following equation (Burgoon et al. 1991, Abe and
Ozaki 1998):
Removal rate % = ( Ci - Co ) * 100
Ci
Where Co = nutrient concentration in the effluent;
Ci = nutrient concentration in the influent.

A repeated measures analysis of variance test (ANOVA) was used to analyze the
phosphorus data from water, aboveground plant tissue, sediment and microbial biomass for the
different groups over time. If significant differences were detected with ANOVA, Tukey HSD or
contrast tests were used to determine significant differences between groups. All statistical
analyses were done using JMP 7.0 (SAS, NC, USA). Analysis of covariance was used to test if
pH, organic matter and sediment moisture had any effect on the phosphorus retention rate.
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Figure 4.1. Design of the simulated wetland.
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Field Experiment
A field mesocosm study was conducted in 2008 (June to November) to examine the
phosphorus retention capacity of J. effusus in a field setting. The mesocosms at University of
Mississippi Field Station (UMFS) are artificial ponds with clay lining and are fed by the
groundwater. I used two mesocosm ponds (numbers 216 and 218) located on the west side of the
Bay Springs Baptist Church for my experiment. These mesocosms have been previously used for
various toxicological studies (Moore et al. 2001, Kröger et al. 2007). A simulated wetland built
out of 60 cm X 91 cm X 30 cm shelving was constructed around stands of J. effusus in each of
the two mesocosm ponds. Mesocosm 216 had four units which were later dosed with 2.5 mg/l of
phosphorus and units in mesocosm 218 were the controls. The rainfall data was collected from
National Oceanic and Atmospheric Administration (NOAA).
Each unit had an outflow PVC pipe fitted with a valve at one end of the unit and was
used for collecting the outflow samples and also for regulating the water flow through the units.
There were four replicates for treatment and control. Simulated wetlands in mesocosm 216 were
dosed with 2.5mg/l of phosphorus on the 25th of every month for six months (June to November)
in 2008. All the simulated wetland units in both mesocosms 216 and 218 were filled to a water
level of 10 cm at the beginning of the experiment. At the end of eight hours, water, sediment and
plant samples were collected and kept at 4°C until laboratory analyses could be conducted.
Water, sediment and plant samples were analyzed for total phosphorus using ammonia persulfate
digestion procedure using a Dionex ion chromatograph (Murphy and Riley 1962, APHA 1998).
A repeated measures analysis of variance test (ANOVA) was used to analyze the phosphorus
data from water, aboveground plant tissue, sediment and microbial biomass for the different
groups over time.
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4.3. Results
Greenhouse Experiment
The pH of the mesocosms varied between 5.1-6.7 for vegetated mesocosms and 6.2-6.8
for unvegetated mesocosms in 2008 (Figure 4.2). Mesocosms with C. lurida showed lower pH
among vegetated mesocosms in 2008 and 2009. In 2009, pH for vegetated mesocosms varied
between 6.0-6.8 for vegetated mesocosms and 6.4-6.8 for unvegetated mesocosms (Figure 4.3).
Sediment moisture levels ranged between 15 to 28 % for all the mesocosms for both 2008 and
2009 (Figure 4.4).
The organic matter content of sediments in the vegetated mesocosms was low at the
beginning of the experiment in 2008 (June to August) and increased in October and November
(Figure 4.5). It was highest in mesocosms vegetated with a monoculture of C. lurida (p<0.05). In
2009, organic matter in all the mesocosms was higher than 2008 and was similar in all the
mesocosms (Figure 4.5). Unvegetated mesocosms showed lower organic matter content and
showed less variation over time. The slight increase in organic matter in the unvegetated
mesocosms could be from the decomposition of algae in the sediment.
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Figure 4.2. pH (mean + SE, n=4) of water in vegetated and unvegetated mesocosms in 2008.
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Figure 4.3. pH (mean + SE, n=4) of water in vegetated and unvegetated mesocosms in 2009.
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Figure 4.4. Sediment moisture levels (mean + SE, n=4) in vegetated and unvegetated
mesocosms for 2008 and 2009.
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Figure 4.5. Organic matter concentrations (mean + SE, n=4) in vegetated and unvegetated
mesocosms for 2008 and 2009.
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The average background concentration of total phosphorus in the UMFS ground water
used for the study fluctuated from 0.055 mg/L in July to 0.508 mg/L in August. Over the course
of the experiment, a total of 282.6 mg (including the background) of phosphorus was added to
each of the vegetated and unvegetated mesocosms (both in 2008 and 2009). Repeated measures
ANOVA indicate significant difference in the dissolved inorganic phosphorus (DIP) in the water
samples from vegetated and unvegetated mesocosms for 2008 (F = 6.8, p<0.0001). The DIP
concentrations were initially low in 2008 (till the third month of sampling) but showed a
temporal increase towards the end of the experiment in 2008 for all vegetated and unvegetated
mesocosms (Figure 4.6). Both vegetated and unvegetated mesocosms removed at least 85% of
DIP in 2008. The % reduction in DIP concentration through time is shown in Figure 4.7.

In 2009, the DIP concentration in the outflow was high for June and July for all
treatments (Figure 4.8). MANOVA results indicate a significant difference between mixed
culture and unvegetated mesocosms (F = 15.3, p< 0.01). A temporal variation in the DIP
concentration was seen for vegetated and unvegetated mesocosms. There was a sharp decrease in
August (third sampling point) and the DIP values remained low until October and then started to
increase in November for both vegetated and unvegetated mesocosms. The DIP percent removal
rates for 2009 were low compared to 2008. Both vegetated and unvegetated mesocosms had
similar percent DIP removal rates (> 71%). The percent reduction in DIP concentration through
time is shown in Figure 4.9.
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Figure 4.6. Dissolved inorganic phosphorus outflow concentration (mean + SE, n=4) in the
water samples taken from vegetated and unvegetated mesocosms in 2008.
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Figure 4.7. Percent reduction over time in dissolved inorganic phosphorus concentration in
vegetated and unvegetated mesocosms in 2008.
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Figure 4.8. Dissolved inorganic phosphorus outflow concentrations (mean + SE, n=4) in the
water samples taken from vegetated and unvegetated mesocosms in 2009.
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Figure 4.9. Percent reduction over time in dissolved inorganic phosphorus concentration in
vegetated and unvegetated mesocosms in 2009.
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Particulate phosphorus (PP) indicates the particulate phosphates and particulate organic P
adsorbed to sediment particles of varying size. In 2008, PP concentration in the outflow was low
at the beginning of the experiment in June for all the treatments (Figure 4.10). The unvegetated
mesocosms showed lower values of particulate phosphorus in the outflow water samples till
August 2008. MANOVA results indicate that PP in the outflow differed for unvegetated and
vegetated mesocosms (F= 11.07, p<0.01). In 2009, PP retention rate of unvegetated treatments
did not vary much over the six months. PP values were low in unvegetated mesocosms compared
to vegetated mesocosms till October (p<0.05, Figure 4.11). Mesocosms with C. lurida (82% +
3.8) and mixed culture (82% + 4.4), and D. acuminatum (74% + 6.8) and unvegetated treatments
showed similar PP removal rates (73% + 5.0).
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Figure 4.10. Particulate phosphorus outflow concentration (mean + SE, n=4) in the water
samples taken from vegetated and unvegetated mesocosms in 2008.
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Figure 4.11. Particulate phosphorus outflow concentration (mean + SE, n=4) in the water
samples taken from vegetated and unvegetated mesocosms in 2009.

Results for the total phosphorus concentrations in the outflow for 2008 showed a
significant difference between vegetated and unvegetated mesocosms (F = 40.5, p< 0.01, Figure
4.12). Total phosphorus concentration in the outflow in 2008 was low for all the treatments in the
beginning of the experiment but increased mostly for unvegetated mesocosms towards the end of
the experiment. A significant treatment x time effect was found for total phosphorus
concentrations in the outflow water samples from vegetated and unvegetated mesocosms in 2008
(F= 40.87, p<0.05). In 2008, a significant difference in percent removal of total phosphorus was
found between mesocosms with mixed culture (87% + 5.82) and monoculture of D. acuminatum
(73% + 14.07, p<0.05). Responses between C. lurida and unvegetated mesocosms differed
significantly in their retention rates over time (F = 19.7, p<0.001, Figure 4.13).
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Figure 4.12. Total phosphorus outflow concentration (mean + SE, n=4) in the water samples
taken from vegetated and unvegetated mesocosms in 2008.
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Figure 4.13. Percent reduction over time in total phosphorus in vegetated and unvegetated
mesocosms in 2008.

89

In 2009, the total phosphorus (TP) concentration in the outflow was significantly
different for vegetated mesocosms compared to unvegetated mesocosms (F = 45.92, p<0.05,
Figure 4.14). Total phosphorus concentrations of outflow samples from mesocosms with mixed
culture were not significantly different from mesocosms with C. lurida (p>0.05). The treatment
by time interaction effect for total phosphorus concentrations was found to be significant for
vegetated and unvegetated mesocosms in 2009 (F= 78.9, p<0.01). Unvegetated mesocosms
showed higher TP concentration in the water samples in July, October and November for 2009.
Over six months of the experiment in 2009, mesocosms with C. lurida showed the highest
(average + SE) removal rate for TP (85% + 4.5) followed by the mesocosms with mixed culture
(82% + 4.7) and unvegetated mesocosms showed the lowest TP removal rate (65% + 10.3,
Figure 4.15). Among the vegetated mesocosms, mesocosms with D. acuminatum were the least
efficient for both years (2008 and 2009).

Total Phosphorus (mg/L)

2.50

2.00
J. effusus
1.50
C. lurida
D. acuminatum

1.00

Mixed
Unvegetated

0.50

0.00
6/22/2009

7/22/2009

8/22/2009

9/22/2009

10/22/2009 11/22/2009

Figure 4.14. Total phosphorus outflow concentration (mean + SE, n=4) in the water samples
taken from vegetated and unvegetated mesocosms in 2009.
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Figure 4.15. Percent reduction in total phosphorus in vegetated and unvegetated mesocosms in
2009.
Total phosphorus levels in the sediment for 2008 are given in Figure 4.16. MANOVA
results indicate that there is a significant difference in the sediment TP concentration between
vegetated and unvegetated treatments over time (F = 25.85, p<0.001). The retention rates
between C. lurida and the unvegetated treatment were significantly different (p<0.05). TP in
sediment for vegetated mesocosms varied over time with no definite pattern in 2008. It was high
in June, August and October for C. lurida and D. acuminatum while, it was high in July, October
and November for J. effusus in 2008. In 2009, TP retention rates in sediment were high for
unvegetated treatments (Figure 4.17). A significant treatment x time interaction was found
between unvegetated and vegetated mesocosm (F= 25.94, p<0.05). Unvegetated mesocosms had
higher TP concentration in sediment till July and then decreased towards the end of the
experiment in 2009. The differences between the treatments leveled off in November 2009. The
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average retention rate of total phosphorus in sediment was similar in 2008 and 2009 for
unvegetated mesocosms.

Total phosphorus concentrations in the aboveground plant tissue in monoculture and
mixed culture for 2008 are shown in Figure 4.18. MANOVA results indicate the total
concentration of phosphorus in the above ground plant tissue for J. effusus in mixed treatment to
be significantly different than TP concentration in J. effusus monoculture mesocosms (F= 33.65,
p<0.0001). It was higher for mixed mesocosms than monoculture mesocosms for all months
except August 2008. TP concentration in the plant tissue (aboveground) for the 2009 experiment
showed significant differences between monoculture and mixed culture treatments for all three
plants (F = 25.5, p< 0.0001, Figure 4.19).
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Figure 4.16. Total phosphorus concentrations (mean + SE, n=4) in the sediment samples taken
from vegetated and unvegetated mesocosms in 2008.
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Figure 4.17. Total phosphorus concentrations (mean + SE, n=4) in the sediment samples taken
from vegetated and unvegetated mesocosms in 2009.
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Figure 4.18. Total phosphorus concentrations (mean + SE, n=4) concentrations in aboveground
plant tissue in 2008. Mixed Juncus indicate J. effusus from the mixed culture, mixed Carex for C.
lurida from the mixed culture and mixed Dichan for D. acuminatum from mixed culture.
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Figure 4.19. Total phosphorus (mean + SE, n= 4) concentrations in the aboveground plant tissue
in 2009. Mixed Juncus indicate J. effusus grown in mixed culture, mixed Carex for C. lurida
from mixed culture and mixed Dichan for D. acuminatum from mixed culture.

Repeated measures of ANOVA showed a significant difference in the sediment microbial
biomass phosphorus between vegetated and unvegetated mesocosms in 2008 (F = 56.23,
p<0.0001). Sediment microbial biomass phosphorus (SMBP) concentration was high in
vegetated mesocosms compared to unvegetated mesocosms (p<0.001). In 2008, SMBP was
highest for mixed and D. acuminatum treatments (Figure 4.20). In 2009, SMBP values were
higher than 2008 and there was a significant difference in the sediment microbial biomass
phosphorus between vegetated and unvegetated treatments (F= 4.75, p<0.05, Figure 4.21).
Temporal variation was found in SMBP concentration for all treatments for both 2008 and 2009.
Percent reduction of phosphorus loads by sediment microbial biomass was high in this study
(Table 4.1). Analysis of covariance indicated no significant correlation between pH, organic
matter and sediment moisture on phosphorus retention.
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Figure 4.20. Sediment microbial biomass phosphorus (mean + SE, n =4) concentrations in the
sediment samples taken from vegetated and unvegetated mesocosms in 2008.
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Figure 4.21. Sediment microbial biomass phosphorus (mean + SE, n =4) concentrations in
sediment samples taken from vegetated and unvegetated mesocosms in 2009.
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(%)
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Table 4.1. Percent load of total phosphorus in water, sediment, microbial and plant
compartments for 2008 and 2009.

Field Experiment
Over the course of the field mesocosm experiment, a total of 136 mg of phosphorus was
added to the treatment units. Repeated measures ANOVA indicate total phosphorus (TP) was
significantly higher in the treated water samples than in control samples (F = 9.58, p<0.05,
Figure 4.22). The treatment by time interaction was significant for TP in outflow for the
treatment and control units (F= 22.23, p=0.04) and were similar in August and towards the end
of the experiment. The TP concentrations in the sediment were not significantly different
between the control and the treatment over time (p>0.05, Figure 4.23). A temporal variation was
found for TP concentration in sediment with a decrease in July for both treatment and control
and then increasing for the treatment till October and decreasing again in November. The TP in
sediment was significantly higher in treatment unit than in control unit in September (p<0.05).
The TP concentration in the aboveground plant tissue and sediment microbial biomass
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phosphorus was significantly higher in the plants from the treatment units through time (p<0.05,
Figure 4.24 and Figure 4.25). The results from the field study suggest that the units with J.
effusus were efficient at retaining phosphorus (82%). The percent load reduction (average) in the
field mesocosms dosed with phosphorus was the highest in the sediment microbial biomass
component (76%) followed by sediment (11%), plants (8%) and water column (5%). The rainfall
data indicate that September was the only moist month in the study period, June to August and
October to November were dry periods.
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Figure 4.22. Total phosphorus concentrations (mean + SE, n =4) in water samples taken from
field mesocosms.

97

1.8
1.6

Total Phosphorus (mg/g)

1.4
1.2
1
Treatment
0.8
Control
0.6
0.4
0.2
0
6/25/2008

7/25/2008

8/25/2008

9/25/2008

10/25/2008 11/25/2008

Figure 4.23. Total phosphorus concentrations (mean + SE, n =4) in the sediment samples taken
from field mesocosms.
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Figure 4.24. Total phosphorus concentrations (mean + SE, n =4) in the aboveground plant tissue
taken from field mesocosms.
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Figure 4.25. Sediment microbial biomass phosphorus concentrations (mean + SE, n =4) in the
sediment samples taken from field mesocosms.

4.4. Discussion
Retention can be defined as the capacity of a wetland to remove phosphorus from the
water column (Reddy et al. 1999). Phosphorus is mainly retained in wetlands through physical
(sedimentation), chemical (sorption and precipitation) and biological (uptake by plants and
microbes) processes (Dunne et al. 2005). Plants are beneficial for nutrient mitigation since they
are capable of direct uptake from water, increasing hydraulic retention time by decreasing the
water flow, providing soil oxygenation by radial loss of oxygen through the roots, and providing
surface area for microbial biofilms (Surrency 1993, Brix 1994). Results from this study indicate
all the treatments to be effective at phosphorus removal. Plants were found to be a major
component for phosphorus retention compared to sediment, water and sediment microbial
biomass in the vegetated mesocosms in the current study (Table 4.1). Reddy and DeBusk (1985)
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and Silvan et al. (2004) attributed plant uptake of phosphorus responsible for 12–73% of
removal.

In our greenhouse study, the average percent load of TP in sediment was relatively lower
in the vegetated mesocosms than unvegetated mesocosms for both 2008 and 2009 (Table 4.1).
Adsorption of nutrients onto sediment binding sites might account for some reduction in the
water column concentrations. All mesocosms were set up with the same sediments initially, but
vegetated mesocosms developed an increase in sediment organic matter over time compared to
the unvegetated controls. This may be due to plant senescence in October and November (see
chapter 5).

Previous studies indicate that vegetation is a significant factor in the retention of
phosphorus in constructed wetlands (Hunter et al. 2001, Silvan et al. 2004, Kröger et al. 2009).
No previous studies have been done so far to look at the phosphorus mitigation capacity of a
mixed culture of J. effusus, C. lurida and D. acuminatum. The TP concentrations in aboveground
plant tissue for plants in monoculture and mixed culture were significantly different (p<0.0001)
in 2009. This indicates that there may be a significant interspecific competition between J.
effusus and C. lurida in the mixed culture treatment. The nutrient removal rate was not increased
by mixed culture compared with monocultures. However, it is not clear if it is desirable to
maintain a single plant species, or a mix of plant species, in constructed wetlands (Zhang et al.
2007). So far, the results on the nutrient removal efficiency by various plant species in mixedculture in the constructed wetlands are inconsistent. Coleman et al. (2001) found that mixedculture of Juncus effusus, Typha latifolia and Scirpus cyperinus was effective at reducing
nutrient levels in small-scale constructed wetlands receiving primary-treated wastewater. Some
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species may be able to coexist together and promote nutrient retention rates in constructed
wetlands (Tanner 1996). However, a mixed-culture of four wetland plant species (Scirpus
validus, Carex lacustris, Phalaris arundinacea and Typha latifolia) in subsurface wetland
microcosms did not increase the potential for N and P removal (from mimicked domestic
effluent) compared to a monoculture treatment (Fraser et al. 2004). Sediment microbial biomass
phosphorus was another key component for the reduction in phosphorus load in this study.
However, previous studies indicate that since the life cycle of microorganisms is short,
decomposition may be swift and therefore, it is likely that most of the microbial uptake of P is
returned as DOP and PP (Vymazal 2007).

Breen (1990) found that plants were the major nutrient sinks for P, with 67% of the
influent P removed by the plants in microcosms. Busnardo et al. (1992) found that removal by
emergent macrophytes in mesocosms removed 50% and 52% of the influent N and P,
respectively. In our study, both vegetated and unvegetated mesocosms were efficient at removing
phosphorus (above 73% phosphorus reduction). Both mixed culture and monoculture treatments
of J. effusus and C. lurida were the most efficient at retaining phosphorus loads in both 2008 and
2009. Mesocosms with D. acuminatum showed lowest phosphorus removal rates among all
treatments in 2008 (73%), and unvegetated treatment showed lowest retention rates in 2009
(65%). Results from the field mesocosm study showed similar results to the greenhouse study. J.
effusus showed a removal rate of 82% in the field mesocosms and 88% in the greenhouse
experiment. In previous studies, J. effusus has shown a seasonal variation in the uptake of
nutrients and was found to have very high nutrient uptake during late summer and early autumn
(Boyd 1971, Beadle et al. 2003). Contribution of plants to the reduction of TP was very high in
the current study (Table 4.1). Rainfall can affect the concentration of the phosphorus dose in the
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outdoor field study. The plugs of the field mesocosms were kept open throughout the study to
prevent accumulation of rain water.

In summary, results indicate that the retention rate varies by the presence and type of
plant species and the right selection of plants is necessary for maintaining and improving the
effectiveness of constructed wetlands. Additional work is needed to clarify the mechanism of
nutrient retention in plants, as well as the possible effects of competition on plant resource
utilization and the effect on phosphorus retention rates caused by harvesting the aboveground
biomass in these plants. Results from this study indicate that vegetated constructed wetlands with
J. effusus and C. lurida, either in mono or mixed culture, can be used for treating waste water
rich in phosphorus. When plants senesce, some of the phosphorus contained in detrital tissue is
recycled within the wetland, and some of the phosphorus is released back into the water column
(Kröger 2007). The release of phosphorus due to senescence of J. effusus and C. lurida is
detailed in the next chapter (See chapter 5).
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CHAPTER 5
Release of Phosphorus Due To Plant Senescence in Model Constructed Wetlands4

Abstract
Vegetated constructed wetlands are used for sequestration of nutrients from agricultural
runoff. Plants release nutrients back into the system as they senesce, affecting the nutrient
removal efficiency of a constructed wetland. A greenhouse experiment was conducted in 2008
and 2009 to study the release of phosphorus by Juncus effusus (J. effusus), Carex lurida (C.
lurida) and Dichanthelium acuminatum var. acuminatum (D. acuminatum) during plant
senescence. Mesocosms with mixed culture of J. effusus, C. lurida, D. acuminatum showed
higher phosphorus retention rates compared to monoculture mesocosms. Results indicate that
plant species differ in their nutrient removal efficiencies when grown in monoculture and mixed
culture in constructed wetlands. Thus, vegetation type may play an important role in determining
the phosphorus removal rates of vegetated constructed wetlands.
5.1. Introduction
Constructed wetlands are engineered systems that have been designed and constructed to
utilize the natural processes involving wetland vegetation, soils, and their associated microbial
assemblages to assist in treating wastewater (Hammer and Bastian 1989). The different forms of
phosphorus transformations in wetlands are peat/soil accretion, adsorption/desorption,
4
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precipitation/dissolution, plant/microbial uptake, fragmentation and leaching, mineralization and
burial (Vymazal 2007). Phosphorus uptake by macrophytes is usually highest during the
beginning of the growing season (in most regions during the early spring) before maximum
growth rate is attained (Boyd 1969). Phosphorus storage in vegetation can range from short- to
long-term, depending on type of vegetation, litter decomposition rates, leaching of P from
detrital tissue, and translocation of P from above- to belowground biomass (Garver et al. 1988).
Phosphorus storage in aboveground biomass of emergent macrophytes is usually short-term with
a large amount of P being released during the decomposition of litter (Vymazal 1996).
The concentration of phosphorus in the plant tissue varies among species and sites and
also it varies during the season (Brix and Schierup 1989).The aboveground portions of
macrophytes returns P to the water, while belowground portions returns P to the soil (Reddy et
al. 1999). Wetland plants are capable of retention of nutrients in high concentrations, but
decomposition of macrophytes may lead to the release of the retained nutrients and, thus, become
another source of nutrients to the water column or any system (Kröger et al. 2007). Hence, while
considering the nutrient retention capacity of a vegetated constructed wetland, it is important to
take into consideration the amount of nutrients released back into a system from plant senescence
in order to estimate the actual effectiveness of the system. In most of the mitigation studies, this
concept is not taken into consideration while calculating the net retention rate of the system and,
hence, might lead to the failure of the system to mitigate nutrients efficiently (Kröger et al.
2007). The main objective of this study was to examine the release of phosphorus by Juncus
effusus, Carex lurida and Dichanthelium acuminatum var. acuminatum during plant senescence
in constructed wetland systems.
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5.2. Materials and Methods
A greenhouse experiment was conducted to study the phosphorus retention rates of
Juncus effusus (J. effusus), Carex lurida (C. lurida) and Dichanthelium acuminatum var.
acuminatum (D. acuminatum) by considering the amount of phosphorus released during plant
senescence. The experiments were conducted in the greenhouse at the University of Mississippi
Field Station (UMFS). Monoculture treatments of C. lurida, J. effusus, D. acuminatum and a
mixed culture of all the three plants, C. lurida, J. effusus, D. acuminatum, were established and
dosed with 108 liters of 2.5mg/L of phosphorus in a previous experiment in 2008 and 2009 to
study the phosphorus retention capacity of the above plants (chapter 4). The dose was
administered six times and the last dose was administered on November 22nd (both in 2008 and
2009). The aboveground plant tissue (Figure 5.1) of twelve plants of each species from
monoculture and mixed culture was clipped and placed in litter bags (litter bag mesh size: 5mm
mesh diameter) in December for both the years (2008 and 2009). The litter bags were weighted
and placed in 18 L plastic barrels filled with ground water from the University of Mississippi
Field Station (Figure 5.2). Baseline phosphorus concentration of UMFS ground water was 0.002
mg P/L. The phosphorus concentration in different plant tissue samples was determined before
they were placed in litter bags (Table 5.1). Control treatment with only UMFS ground water was
also established in order to know if the phosphorus concentration in the water fluctuated over the
course of the experiment. There were four replicates per treatment and the experiment duration
was from December to March (2008 - 2009) and December to February (2010). Two hundred
and fifty milliliter water samples were collected on the 15th of every month and analyzed for total
phosphorus using Dionex ion chromatograph and ammonium per sulfate digestion method
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Figure 5.1. Vegetated mesocosms with C. lurida in December 2008.

Figure 5.2. Mesocosms with litterbags at the start of the experiment in December 2008.

Figure 5.3. Mesocosms with litterbags (highlighted) at the end of the experiment in March 2009.
The litter bag is highlighted using dots.
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(Murphy and Riley 1962, APHA 1998). Differences between the treatments were statistically
analyzed using repeated analysis of variance.

Treatment

2008 (mg P/g)

2009 (mg P/g)

C. lurida

3.94

2.08

D. acuminatum

2.09

1.40

J. effusus

3.94

2.80

C. lurida in mixed culture

3.39

3.60

D. acuminatum in mixed culture

1.94

4.20

J. effusus in mixed culture

4.06

2.20

Table 5. 1. Total phosphorus concentration in the plant tissue at the start of the decomposition
experiment in 2008 and 2009.

5.3. Results
The total phosphorus (TP) content in the aboveground tissue in December 2008 before
the start of the decomposition experiment indicates J. effusus and C. lurida to have higher
concentrations of TP compared to D. acuminatum in both monoculture and mixed culture
treatments (Table 5.1). All the treatment mesocosms had a layer of floating film towards the end
of the experiment indicating release of phosphorus from the plant tissue (Figure 5.3). Total
phosphorus concentrations for the December 2008 experiment showed a significant treatment by
time interactive effect and showed a difference in the amount of phosphorus released by the
different treatments over time (F = 12.19, p<0.001). The total phosphorus concentration in the
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water column was highest in January for J. effusus and C. lurida and then decreased over time.
The total phosphorus release rate (difference between final and initial concentrations) in 2008
was the highest for D. acuminatum (19.4%), followed by J. effusus (10.0%), mixed culture
(4.6%), and C. lurida (5.0%) released relatively lower amounts of total phosphorus. This
indicates that there is a difference in the TP concentrations between the different time points and
also that groups differ in their responses (release phosphorus) over time respectively.

0.8

Total Phosphorus (mg/l)

0.7
0.6
0.5
J. effusus

0.4

C. lurida
0.3

D. acuminatum

0.2

Mixed

0.1
0
12/15/2008

1/15/2009

2/15/2009

3/15/2009

Figure 5.4. Total phosphorus concentrations (mean + SE, n=4) in the water column as a result of
plant senescence for 2008-2009.

Repeated measures ANOVA results for 2009 indicates that there was a significant
difference in the amount of phosphorus released into the water column between the different
groups over time (F = 4.7, p <0.05, Figure 5.5). C. lurida had highest TP concentration in the
tissue before the experiment began (Table 5.1) and released 5.5% TP into the water column. J.
effusus showed least amount of TP release from its aboveground plant tissue (4.3%). Both mixed
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(5.8%) and D. acuminatum (12.0%) showed high rates of TP release from its aboveground plant
tissue. The control treatment indicated that the FOP, TOP and TP concentrations of the
background (UMFS ground water) did not change significantly throughout the course of the
experiment. Thus, the changes in the phosphorus concentrations in the treatment barrels are due
to the release of nutrients caused by plant senescence.

Total Phosphorus (mg/L)

0.30
0.25
0.20
J. effusus
0.15

C. lurida
D. acuminatum

0.10

Mixed

0.05
0.00
12/15/2009

1/15/2010

2/15/2010

3/15/2010

Figure 5.5. Total phosphorus concentrations (mean + SE, n=4) in the water column as a result of
plant senescence for 2009-2010.

5.4. Discussion
Nutrient fluxes to coastal areas have risen in recent decades because of high
concentrations of nutrients in agricultural runoff deposited into the surface waters (Howarth et al.
2011). Removal of phosphate in wetlands is known to be mediated by precipitation, adsorption,
plant uptake and microbial assimilation (Moshiri 1993, Kadlec and Knight 1996, Reddy et al.
1999). Due to their nutrient retention characteristics, plants are used to solve eutrophication
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problems of freshwater bodies (Aoi and Hayashi 1996) and to remove pollutants in constructed
wetlands (Delgado et al. 1993, Maine et al. 2004). The main roles of wetland plants with respect
to removal of phosphorus are direct uptake and provision of suitable conditions for
microorganisms that use phosphorus as a nutrient (Mbuligwe 2004). Wetland plants may differ
in their capacity to assimilate nutrients from wastewater (Kadlec and Knight 1996). For instance,
the nutrient uptake capacity of Phragmites australis (120 g P ha-1 yr-1) was higher than that of
Cyperus papyrus (50 g P ha-1 yr-1; (Brix and Schierup 1989). Differences in nutrient
accumulation between species reflect differences in the efficiency of constructed wetlands
(Tanner 1996). Releases of accumulated nutrients by emergent macrophytes have received much
less attention compared to the ability of plants to sequester nutrients (Boyd and Hess 1970,
Vymazal 2007).
The plant species examined here exhibited differential nutrient loss rates. D. acuminatum
released about 20 % of the phosphorus retained in the plant tissue in the 2008- 2009 study and
12.1% in the 2009-2010 study. Mixed culture treatment released the least amount of phosphorus
into the system for both 2008-2009 (4.7%) and 2009-2010 (5.9%) study. Mesocosms with C.
lurida released only about 5% of the phosphorus retained in the plant tissue for both years.
Results also indicate that the emergent wetland plant species may exhibit different nutrient
removal efficiencies when grown in monoculture and mixed culture in constructed wetlands.
Mesocosms with mixed treatment were the most efficient at holding phosphorus and showed
lower values of total phosphorus released back in the water column. The difference in the release
of phosphorus from senescence may be due to the differences in plant tissue structure and the
allocation of nutrients for storage in the plant tissue. The phosphorus storage and release by
belowground tissue was not measured in this experiment. Further studies including all these
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factors are needed to know the mechanism of phosphorus storage and release of nutrients. We
suggest that J. effusus and C. lurida are both emergent macrophytes that can be potential
candidates to be used in monoculture or mixed culture constructed wetlands to treat agricultural
runoff having high concentrations of phosphorus. Thus, vegetation type may play an important
role in determining the phosphorus removal rate of constructed wetlands.
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CHAPTER 6
Synthesis

6.1. Introduction
Constructed wetlands are widely used as tools for improving water quality (Kovacic et al.
2000, Millhollon et al. 2009). Emergent macrophytes are important for removal of phosphorus,
but the right selection of plants is necessary for maintaining and improving the effectiveness of
constructed wetlands (McJannet et al. 1995). Plant species are known to vary in their efficiency
in phosphorus removal (Kadlec and Knight 1996, Baldizon et al. 2002, Fraser et al. 2004).
However, there is little quantitative information available on comparing the growth
characteristics and treatment performance of various plants (Zak et al. 2003, Vymazal 2007,
Zhang et al. 2010). Even though hydrology, sediment composition, vegetation and
microorganisms are important factors that contribute to the effectiveness of a wetland, few
studies have considered these factors (microbial enzyme activity, sediment microbial biomass,
sediment retention, plant phenology, associated nutrient release) collectively while studying the
phosphorus retention capacity of constructed wetlands (Vymazal 2007). Research undertaken
within the co-operative agreement between the United States Department of Agriculture –
Agriculture Research Service –National Sedimentation Laboratory and the University of
Mississippi focuses on improving the effectiveness of agricultural Best Management Practices in
the mid-South (Holland and Cooper 1999). My research was funded under this cooperative
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agreement (see Chapter 1) and focuses on studying the influence of vegetation on the sediment
bacterial community structure, sediment microbial enzyme activities and phosphorus removal in
constructed wetlands.
6.2.

Influence of Vegetation on Microbial Enzyme Activity and Bacterial Community
Structure
Microorganisms are a crucial component for the efficient functioning of treatment

wetlands (Balasooriya et al. 2007). Research on the composition and function of microbial
communities in wetlands has predominantly focused on microorganisms responsible for
methanogenesis, denitrification, and sulfate reduction (Gutknecht et al. 2006, Balasooriya et al.
2007). While studies on these processes are important, they often ignore a critical feature that
defines many wetlands, the type of vegetation. Differences in the plant community can result in
differences in the physical and chemical features of the surrounding sediment and favor the
growth of different microbial populations under distinct vegetation regimes (Kowalchuk et al.
2002). The pollutant removal efficiency of a wetland depends on the aggregate activity of a
variety of microbial enzymes since they are integral for the degradation and breakdown of
complex molecules and make them biologically available (Nannipieri et al. 2003). The first
objective of my project was to determine if the structure and activity of sediment microbial
communities in freshwater wetlands are influenced by vegetation. Sediment bacterial
communities were dominated by representatives of the Acidobacteria, Proteobacteria and
Firmicutes; however, proportionally fewer sequences affiliated with the Firmicutes and
Alphaproteobacteria were recovered from unvegetated sediments. Among the vegetation types,
proportionally fewer sequences affliated with the Acidobacteria were recovered from sediment
samples vegetated with C. lurida, while the proportion of Proteobacteria was higher. Within the
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Acidobacteria, phylotypes belonging to subdivision 1 accounted for the largest proportion of the
sequences detected in D. acuminatum sediments, while these were not detected in sediments
taken from C. lurida treatments.
A significant impact of plant species on sediment enzyme activity was seen for phenol
oxidase and peroxidase and suggests that vegetation (C. lurida, J. effusus) may decrease the
activity of these enzymes. The fact that sediments with no vegetation showed greater oxidative
enzyme activity is interesting from an applied point of view, as it suggests that unvegetated
constructed wetlands might be more efficient in treating phenol rich wastewater than vegetated
wetlands. Oxidative enzyme activities were also positively correlated with a higher prevalence of
Actinobacteria sequences in clone libraries, and negatively correlated with phosphatase activity,
sediment moisture and organic matter content. These results indicate that it is also important to
consider abiotic factors and potentially the presence of bacterial groups like the Actinobacteria to
increase the degradation of phenolic compounds. This study provides insights into the
composition of wetland sediment bacterial communities, and also suggests that wetland plant
species influence both bacterial community structure and oxidative enzyme activity in wetland
sediments (See Chapter 2).
6.3.

Sediment Microbial Enzyme Activities in Phosphorus-Loaded Vegetated and
Unvegetated Constructed Wetland Systems
During treatment of wastewater by constructed wetlands, high molecular weight organic

pollutants are degraded to low molecular weight nutrients by the sediment microbial enzymes
(Shackle et al. 2000). The relationship between plant species composition, nutrient loading and
enzyme activities in constructed wetland systems is poorly understood (Zhang et al. 2010). The
main aim of this study was to examine the influence of vegetation on sediment microbial enzyme
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activities in phosphorus-loaded constructed wetlands. Phosphatase and oxidative enzyme activity
were significantly different in phosphorus-loaded vegetated and unvegetated sediments (See
Chapter 3). It is generally found that planted wetlands outperform unplanted controls in nutrient
retention (Gagnon et al. 2007). The difference in the effectiveness of vegetated and unvegetated
wetlands to function as sinks for pollutants may be related to the difference in the influence of
plant species on sediment microbial enzyme activities. Phosphorus loading decreased the
hydrolase enzymes activity and increased oxidative enzyme activities. The results from this
study show that the presence of plants and phosphorus loading can influence the activity of
phosphatase, phenol oxidase and peroxidase enzymes. This information is useful for designing
constructed wetlands for treating waste water since microbial enzymes are needed for degrading
the pollutants in the agricultural runoff.

6.4.

Phosphorus Retention in Constructed Wetlands Vegetated with Juncus effusus,
Carex lurida and Dichanthelium acuminatum var. acuminatum and in Unvegetated
Constructed Wetlands
Wetland plants are an integral part of constructed wetland systems, but there is little

quantitative information available comparing their growth characteristics and treatment
performance in constructed wetland systems (Tanner 1996, Vymazal 2007). The objective of this
study was to assess the phosphorus retention capacity of unvegetated and vegetated constructed
wetlands with three wetland macrophyte plants, Juncus effusus, Carex lurida and Dichanthelium
acuminatum var acuminatum; either in monoculture or mixed culture systems. Vegetated
treatments (except for monoculture of D. acuminatum) showed relatively higher phosphorus
removal rates as compared to unvegetated controls in our experiment. D. acuminatum showed a
lower phosphorus retention rate compared to other vegetated treatments. Total phosphorus
removal by sediment was low for both vegetated and unvegetated systems (See Chapter 4).
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Plants were found to be a major component for phosphorus retention in the current study. J.
effusus in the mixed culture showed a higher retention rate than C. lurida in the mixed treatment.
This indicates that there may be a significant interspecific competition between J. effusus and C.
lurida in the mixed culture treatment. The total nutrient removal rate was not significantly
different between mesocosms with mixed culture and monocultures.

2008

2009

J. effusus

88%

77%

C. lurida

87%

85%

D. acuminatum

73%

74%

Mixed

87%

82%

Unvegetated

80%

65%

Table 6.1. Phosphorus retention rates of vegetated and unvegetated mesocosms
in 2008 and 2009.

The retention rates for 2008 were higher when compared to 2009 for all vegetated (except
for D. acuminatum) and unvegetated mesocosms (Table 6.1). The retention rates decreased in the
second year compared to the first year. This may be because we did not harvest all the plants at
the end of 2008 and the system was getting saturated. If we had harvested the aboveground
biomass then the stored phosphorus could have been utilized for the growth of new leaves and
the retention rate could have increased. In a previous study by Cooper et al. (1998), a steep
decrease in the trapping efficiency of phosphorus from 70-80% to 30% was seen in consecutive
years in a constructed wetland treating dairy waste. The decrease in the retention rates between
2008 and 2009 was not a drastic change, and this might be because the mesocosms in our study
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were not heavily loaded to reach saturation. I had hypothesized that mixed culture treatments
may exhibit a higher rate of phosphorus retention, but results do not indicate a significant
difference between mixed culture and monoculture treatments. Our results indicate that retention
rate varies with the presence and type of plant species and suggests that phosphorus removal
rates could be enhanced by using vegetated constructed wetlands with either monoculture or
mixed culture stands of J. effusus and C. lurida. Hence, the correct selection of plants is
necessary for maintaining and improving the effectiveness of constructed wetlands. However, we
did not measure phosphorus storage in the belowground plant biomass in this study or observe
changes in the bacterial community structure after dosing with phosphorus. Future studies based
on isotopes can give a more compartmentalized picture of how the phosphorus is transported
throughout the system and how phosphorus loading can influence the bacterial communities.

6.5. Release of Phosphorus Due to Plant Senescence in Model Constructed Wetlands
Phosphorus is released from biomass to the wetland ecosystem after plant decay. The
plant species differed in the amount of total phosphorus released into the system. The variation in
the amount of phosphorus released suggests that plant species exhibit different nutrient removal
efficiencies. Since D. acuminatum released almost 20% of the phosphorus initially retained in
the plant tissue, this may not be a suitable plant for use in constructed wetlands. Mixed culture
treatment released the least amount of phosphorus back into the system. The effectiveness of
mixed culture treatment over monoculture in retention of phosphorus may be due to more
extensive plant structures holding phosphorus, leading to a difference in the surface area
available to store phosphorus. The difference in the release of phosphorus from senescence may
be because of the differences in plant tissue structure and the allocation of nutrients for storage in
the plant tissue. In conclusion, the net phosphorus retention rate of constructed wetlands
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vegetated with J. effusus and C. lurida in either monoculture or mixed culture is successful for
phosphorus mitigation (See chapter 5).
The net retention rate after considering the release of phosphorus into the water column
(by plants due to senescence) was highest for mixed culture (82% in 2008 and 77% in 2009) and
monoculture treatment of C. lurida (82% in 2008 and 80% in 2009). D. acuminatum was the
least efficient in removing phosphorus (53% in 2008 and 62% in 2009). J. effusus showed a net
removal rate of 78% in 2008 and 73% in 2009. The decrease in the nutrient retention rates of
constructed wetlands is a major problem when treating heavy loads of phosphorus. This can be
reduced by using larger (in area) wetlands and by reducing the rate of outflow. The percent
phosphorus load retained in the different compartments (water, sediment, plant, and sediment
microbial biomass) for C. lurida and a mixed culture treatment in 2009 is shown in Figure
6.1and Figure 6.2. The plant percent contribution to phosphorus removal was high in the current
study were consistent with those by Reddy and Debusk (1985) who found that plants accounted
for 12-73% of phosphorus removal. However, Moore et al. (2010) found that plant (Typha
latifolia, Sparganium americanum and Juncus effusus) percent contribution to phosphorus
removal was not significant in agricultural drainage ditches.
Even though there was no significant difference in the removal rate between mixed and
monoculture treatments in the current study, it is interesting to note the difference in percent
phosphorus removal by the sediment microbial biomass component in monoculture and mixed
culture systems (Figure 6.1 and 6.2). For example, monoculture treatment of C. lurida showed
27% removal rate as sediment microbial biomass phosphorus while the mixed culture showed
48% removal as microbial biomass phosphorus. The sediment microbial biomass phosphorus
removal rates for unvegetated mesocosms were also significantly different from vegetated
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mesocosms. This suggests a difference in the major microbial communities present in
monoculture and mixed culture systems. We found that Proteobacteria was proportionally
higher in the vegetated mesocosms compared to unvegetated mesocosms (See Chapter 2). Betaproteobacteria has been associated with significant uptake of phosphorus (Lee 2002). Future
studies looking into the correlation between different microbial groups and phosphorus uptake
may provide us a better picture of the microbial processes in wetland sediments. Results from
this study give us an overview of the percent phosphorus retained in the various compartments of
a constructed wetland and recommend the use of J. effusus and C. lurida (either grown as
monoculture or mixed culture) as plants that could be used for the efficient removal of
phosphorus in constructed wetlands.
Wetland plants vary in their capacity for nutrient retention, but there is little quantitative
information available comparing the growth characteristics and treatment performance of plants
in constructed wetland systems (Tanner 1996, Vymazal 2007). Also, only a few studies have
considered the factors that contribute to the efficiency of a constructed wetland (microbial
enzyme activity, sediment microbial biomass, sediment retention, plant phenology, associated
nutrient release) collectively while studying the phosphorus retention capacity of constructed
wetlands. Nutrient loading can result in changes in vegetation which can impact sediment
microbial communities which in turn influences enzyme activity and ultimately affects the
nutrient cycling in wetlands. My study looked at the various components (microbial enzyme
activity, sediment microbial biomass, sediment retention, plant phenology, associated nutrient
release) that could improve the effectiveness of a constructed wetland. In summary, the results
from this research provide us an overview of the bacterial communities found in wetland
sediments, and suggest that wetland plant species influence bacterial community structure (see
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chapter 2), oxidative enzyme activity (see chapters 2 and 3) and phosphorus retention rates of
constructed wetlands (see chapters 3 and 4). Thus, consideration of the type of vegetation to be
planted in wetlands is of particular importance and may be the most important factor that
determines the effectiveness of these systems in pollutant mitigation. The information obtained
from this dissertation research is useful for designing efficient constructed wetlands and also
contributes information to the database on the phosphorus retention capacity of different plants,
which is being developed by the USDA-Natural Resources Conservation Service. Also, my
results show that J. effusus and C. lurida in either monoculture or mixed culture is successful for
phosphorus mitigation and can be used by farmers to reduce nutrient loads in the outflow from
their farms.
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TP in plant tissue
(58%)

Inflow (100%)
Water (12%)

Sediment
Microbial Biomass
Phosphorus (27%)

TP in sediment
(3%)

Figure 6.1. Percent load removal of phosphorus in the different compartments of a constructed
wetland vegetated with Carex lurida.
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TP in plant tissue
(37%)

Inflow (100%)
Water (11%)

TP in sediment
(4%)

Sediment Microbial
Biomass
Phosphorus (48%)

Figure 6.2. Percent load removal of phosphorus in the different compartments of a constructed
wetland vegetated with mixed culture of Juncus effusus, Carex lurida and Dichanthelium
acuminatum var. acuminatum.
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6.6. Recommendations for Future Research
Sediment microbial biomass and plants were the most efficient components of percent
phosphorus load removal in my study, but both are considered as pathways of short term removal
of phosphorus (Vymazal 2007). Future long term studies should be done to monitor the changes
in the pathway for phosphorus retention. Future experiments could also manipulate plant density
to better understand interspecific and intraspecific competition between plants. I also recommend
future studies exposing J. effusus and C. lurida to a mixture of pesticides, nitrogen and
phosphorus in order to mimic runoff from typical agricultural fields. An experiment using an
isotope would monitor changes in the uptake and storage of phosphorus (including belowground
biomass) in vegetated and unvegetated constructed wetlands during an annual cycle. Also, it
would be productive to study the effect of harvesting the aboveground biomass on phosphorus
retention. Also, identifying native plants harboring phosphorus mineralizing bacteria would be
helpful in increasing the effectiveness of the system. Future studies could also examine the
phenolic retention ability of unvegetated and vegetated constructed wetlands with J. effusus and
C. lurida.
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APPENDIX A. List of bacterial communities identified from 16S rRNA gene sequences
in clone library generated from DNA recovered from wetland sediment in mesocosms
vegetated with either Juncus effusus, Carex lurida, Dichanthelium acuminatum var.
acuminatum, or unvegetated
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Sequence ID

Classification

Carex_01A

Firmicutes; Clostridia; Clostridiales; Syntrophomonadaceae; Syntrophomonas; Unclassified; otu_1648

Carex_01B

Acidobacteria; Unclassified; otu_197

Carex_01C

Verrucomicrobia; Verrucomicrobiae; Verrucomicrobiales; Opitutaceae; Opitutus; otu_3363

Carex_01D

Firmicutes; Bacillales; Bacillaceae; Bacillus; Unclassified; otu_1278

Carex_01E

Verrucomicrobia; Verrucomicrobiae; Verrucomicrobiales; Verrucomicrobiaceae; Prosthecobacter; otu_3373

Carex_01F

Actinobacteria; Coriobacteridae; Coriobacteriales; Coriobacterineae; Coriobacteriaceae; Collinsella; otu_584

Carex_01G

Firmicutes; Clostridia; Clostridiales; Clostridiaceae; Clostridium; Unclassified; otu_1467

Carex_01H

Deltaproteobacteria; Desulfuromonadales; Geobacteraceae; Geobacter; Unclassified; otu_2681

Carex_02A

Firmicutes; Bacillales; Bacillaceae; Bacillus; Unclassified; otu_1278

Carex_02B

Firmicutes; Clostridia; Clostridiales; Peptococcaceae; Unclassified; otu_1579

Carex_02C

Firmicutes; Clostridia; Clostridiales; Heliobacteriaceae; Heliobacterium; otu_1538

Carex_02D

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Carex_02E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Carex_02F

Firmicutes; Clostridia; Clostridiales; Clostridiaceae; Clostridium; Unclassified; otu_1467

Carex_02G

Betaproteobacteria; Unclassified; otu_2356

Carex_02H

Gammaproteobacteria; Unclassified; otu_2777

Carex_03A

Firmicutes; Bacillales; Bacillaceae; Bacillus; Unclassified; otu_1278

Carex_03B

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198
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Carex_03C

Bacteroidetes; Sphingobacteria; Sphingobacteriales; Flexibacteraceae; Cytophaga; Unclassified; otu_897

Carex_03D

Verrucomicrobia; Spartobacteria; Candidatus Xiphinematobacter; otu_3351

Carex_03E

Unclassified; otu_196

Carex_03F

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Carex_03G

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Carex_03H

Firmicutes; Clostridia; Clostridiales; Clostridiaceae; Unclassified; otu_1449

Carex_04A

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Carex_04B

Deltaproteobacteria; Desulfuromonadales; Desulfuromonadaceae; Desulfuromonas; Unclassified; otu_2672

Carex_04C

Deltaproteobacteria; Desulfuromonadales; Pelobacteraceae; Pelobacter; Unclassified; otu_2688

Carex_04D

Deltaproteobacteria; Desulfuromonadales; Pelobacteraceae; Pelobacter; Unclassified; otu_2688

Carex_04E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Carex_04F

Firmicutes; Clostridia; Clostridiales; Unclassified; otu_1401

Carex_04G

Alphaproteobacteria; Rhizobiales; Bradyrhizobiaceae; Bradyrhizobium; Unclassified; otu_1993

Carex_04H

Firmicutes; Bacillales; Bacillaceae; Bacillus; Unclassified; otu_1278

Carex_05A

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Carex_05B

Acidobacteria; Unclassified; otu_197

Carex_05C

Acidobacteria; Unclassified; otu_197

Carex_05D

Gammaproteobacteria; Thiotrichales; Thiotrichaceae; Beggiatoa; Unclassified; otu_3188

Carex_05E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198
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Carex_05F

Verrucomicrobia; Spartobacteria; Unclassified; otu_3350

Carex_05G

Betaproteobacteria; Burkholderiales; Comamonadaceae; Ottowia; otu_2433

Carex_05H

Betaproteobacteria; Unclassified; otu_2356

Carex_06A

Gammaproteobacteria; Unclassified; otu_2777

Carex_06B

Bacteroidetes; Unclassified; otu_641

Carex_06C

Firmicutes; Clostridia; Clostridiales; Peptococcaceae; Desulfitobacterium; Unclassified; otu_1586

Carex_06D

Betaproteobacteria; Rhodocyclales; Rhodocyclaceae; Azoarcus; Unclassified; otu_2568

Carex_06E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Carex_06F

Planctomycetes; Planctomycetacia; Planctomycetales; Planctomycetaceae; Planctomyces; Unclassified; otu_1933

Carex_06H

Firmicutes; Clostridia; Clostridiales; Unclassified; otu_1401

Dichanthelium_07A

Gammaproteobacteria; Acidithiobacillales; Acidithiobacillaceae; Acidithiobacillus; Unclassified; otu_2778

Dichanthelium_07B

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_07C

Planctomycetes; Planctomycetacia; Planctomycetales; Singulisphaera; otu_1936

Dichanthelium_07D

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_07E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_07F

Deltaproteobacteria; Desulfuromonadales; Geobacteraceae; Geobacter; Unclassified; otu_2681

Dichanthelium_07G

Firmicutes; Clostridia; Clostridiales; Peptococcaceae; Desulfosporosinus; Unclassified; otu_1589

Dichanthelium_08A

Actinobacteria; Actinomycetales; Pseudonocardineae; Pseudonocardiaceae; Saccharopolyspora; otu_516

Dichanthelium_08B

Alphaproteobacteria; Rhizobiales; Bradyrhizobiaceae; Bradyrhizobium; Unclassified; otu_1993
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Dichanthelium_08C

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_08D

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_08E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_08F

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_08G

Deltaproteobacteria; Syntrophobacterales; Syntrophaceae; Syntrophus; Unclassified; otu_2735

Dichanthelium_08H

Bacteroidetes; Unclassified; otu_641

Dichanthelium_09A

Betaproteobacteria; Unclassified; otu_2356

Dichanthelium_09B

Firmicutes; Bacillales; Bacillaceae; Bacillus; Unclassified; otu_1278

Dichanthelium_09C

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_09D

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_09E

Planctomycetes; Planctomycetacia; Planctomycetales; Unclassified; otu_1916

Dichanthelium_09F

Alphaproteobacteria; Rhizobiales; Hyphomicrobiaceae; Blastochloris; otu_2018

Dichanthelium_09G

Alphaproteobacteria; Unclassified; otu_1939

Dichanthelium_09H

Acidobacteria; Unclassified; otu_197

Dichanthelium_10A

Acidobacteria; Solibacteres; Solibacterales; Solibacteraceae; Solibacter; otu_212

Dichanthelium_10B

Acidobacteria; Solibacteres; Solibacterales; Solibacteraceae; Solibacter; otu_212

Dichanthelium_10C

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_10D

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_10E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198
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Dichanthelium_10F

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_10G

Alphaproteobacteria; Rhizobiales; Methylocystaceae; Methylocystis; Unclassified; otu_2047

Dichanthelium_10H

Acidobacteria; Solibacteres; Solibacterales; Solibacteraceae; Solibacter; otu_212

Dichanthelium_11A

Planctomycetes; Planctomycetacia; Planctomycetales; Unclassified; otu_1916

Dichanthelium_11B

Deltaproteobacteria; Desulfuromonadales; Desulfuromonadaceae; Desulfuromonas; Unclassified; otu_2672

Dichanthelium_11C

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Dichanthelium_11D

Nitrospirae; Nitrospirales; Nitrospiraceae; Nitrospira; Unclassified; otu_1909

Dichanthelium_11E

Deltaproteobacteria; Myxococcales; Sorangineae; Polyangiaceae; Polyangium; otu_2724

Dichanthelium_11F

Betaproteobacteria; Burkholderiales; Oxalobacteraceae; Massilia; Unclassified; otu_2471

Dichanthelium_11G

Firmicutes; Clostridia; Clostridiales; Acidaminococcaceae; Sporomusa; Unclassified; otu_1436

Dichanthelium_11H

Cyanobacteria; Chroococcales; Synechococcus; Unclassified; otu_1119

Dichanthelium_12A

Alphaproteobacteria; Rhizobiales; Bradyrhizobiaceae; Bradyrhizobium; Unclassified; otu_1993

Dichanthelium_12B

Epsilonproteobacteria; Nautiliales; Nautiliaceae; Caminibacter; otu_2769

Dichanthelium_12D

Firmicutes; Clostridia; Clostridiales; Clostridiaceae; Unclassified; otu_1449

Dichanthelium_12E

Firmicutes; Clostridia; Clostridiales; Clostridiaceae; Clostridium; Unclassified; otu_1467

Dichanthelium_12F

Firmicutes; Unclassified; otu_1260

Dichanthelium_12G

Alphaproteobacteria; Rhizobiales; Bradyrhizobiaceae; Afipia; Unclassified; otu_1985

Dichanthelium_12H

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198
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Juncus_01C

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_01D

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_01E

Firmicutes; Clostridia; Clostridiales; Clostridiaceae; Clostridium; Unclassified; otu_1467

Juncus_01F

Actinobacteria; Actinomycetales; Pseudonocardineae; Actinosynnemataceae; Saccharothrix; Unclassified; otu_498

Juncus_01G

Acidobacteria; Unclassified; otu_197

Juncus_01H

Chloroflexi; Sphaerobacterales; Sphaerobacterineae; Sphaerobacteraceae; Sphaerobacter; otu_1088

Juncus_02A

Gammaproteobacteria; Methylococcales; Methylococcaceae; Methylococcus; Unclassified; otu_3034

Juncus_02C

Verrucomicrobia; Spartobacteria; Candidatus Xiphinematobacter; otu_3351

Juncus_02D

Cyanobacteria; Oscillatoriales; Planktothrix; otu_1177

Juncus_02E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_02F

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_02G

Alphaproteobacteria; Rhizobiales; Bradyrhizobiaceae; Afipia; Unclassified; otu_1985

Juncus_02H

Verrucomicrobia; Spartobacteria; Unclassified; otu_3350

Juncus_03B

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_03C

Firmicutes; Clostridia; Clostridiales; Acidaminococcaceae; Sporomusa; Unclassified; otu_1436

Juncus_03D

Cyanobacteria; Oscillatoriales; Planktothrix; otu_1177

Juncus_03E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_03F

Betaproteobacteria; Denitratisoma; otu_2495

Juncus_03G

Deltaproteobacteria; Desulfuromonadales; Geobacteraceae; Geobacter; Unclassified; otu_2681
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Juncus_04B

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_04D

Verrucomicrobia; Spartobacteria; Unclassified; otu_3350

Juncus_04E

Planctomycetes; Planctomycetacia; Planctomycetales; Planctomycetaceae; Rhodopirellula; otu_1935

Juncus_04F

Betaproteobacteria; Denitratisoma; otu_2495

Juncus_04G

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_04H

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_05A

Deltaproteobacteria; Desulfuromonadales; Geobacteraceae; Trichlorobacter; Unclassified; otu_2685

Juncus_05B

Firmicutes; Clostridia; Clostridiales; Acidaminococcaceae; Sporomusa; Unclassified; otu_1436

Juncus_05C

Gammaproteobacteria; Alteromonadales; Shewanellaceae; Shewanella; Unclassified; otu_2845

Juncus_05D

Gammaproteobacteria; Chromatiales; Halothiobacillaceae; Halothiobacillus; otu_2908

Juncus_05E

Deltaproteobacteria; Syntrophobacterales; Syntrophaceae; Syntrophus; Unclassified; otu_2735

Juncus_05F

Alphaproteobacteria; Unclassified; otu_1939

Juncus_05G

Firmicutes; Clostridia; Thermoanaerobacteriales; Thermoanaerobacteriaceae; Thermoanaerobacterium; otu_1730

Juncus_05H

Firmicutes; Clostridia; Clostridiales; Acidaminococcaceae; Sporomusa; Unclassified; otu_1436

Juncus_06A

Firmicutes; Bacillales; Bacillaceae; Bacillus; Unclassified; otu_1278

Juncus_06B

Actinobacteria; Actinomycetales; Pseudonocardineae; Actinosynnemataceae; Saccharothrix; Unclassified; otu_498

Juncus_06E

Actinobacteria; Actinomycetales; Micrococcineae; Microbacteriaceae; Curtobacterium; Unclassified; otu_374

Juncus_06F

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Juncus_06G

Alphaproteobacteria; Unclassified; otu_1939
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Juncus_06H

Firmicutes; Clostridia; Thermoanaerobacteriaceae; Coprothermobacter; Unclassified; otu_1714

Unvegetated_07A

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_07B

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_07C

Acidobacteria; Solibacteres; Solibacterales; Solibacteraceae; Solibacter; otu_212

Unvegetated_07D

Gammaproteobacteria; Legionellales; Coxiellaceae; Coxiella; Unclassified; otu_3014

Unvegetated_07E

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_07F

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_07G

Deltaproteobacteria; Myxococcales; Cystobacterineae; Anaeromyxobacter; Unclassified; otu_2700

Unvegetated_07H

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_08A

Bacteroidetes; Bacteroidetes (class); Bacteroidales; Bacteroidaceae; Anaerophaga; Unclassified; otu_648

Unvegetated_08B

Bacteroidetes; Unclassified; otu_641

Unvegetated_08C

Alphaproteobacteria; Rhizobiales; Phyllobacteriaceae; Mesorhizobium; Unclassified; otu_2065

Unvegetated_08D

Deltaproteobacteria; Syntrophobacterales; Syntrophobacteraceae; Syntrophobacter; Unclassified; otu_2741

Unvegetated_08E

Deltaproteobacteria; Unclassified; otu_2595

Unvegetated_08F

Betaproteobacteria; Nitrosomonadales; Nitrosomonadaceae; Nitrosospira; Unclassified; otu_2560

Unvegetated_08G

Cyanobacteria; Oscillatoriales; Phormidium; Unclassified; otu_1174

Unvegetated_08H

Cyanobacteria; Nostocales; Nostocaceae; Nostoc; otu_1144

Unvegetated_09A

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Edaphobacter; Unclassified; otu_201

Unvegetated_09B

Bacteroidetes; Bacteroidetes; Bacteroidales; Porphyromonadaceae; Parabacteroides; Unclassified; otu_663
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Unvegetated_09C

Betaproteobacteria; Burkholderiales; Burkholderiaceae; Burkholderia; Unclassified; otu_2388

Unvegetated_09D

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_09E

Actinobacteria; Actinobacteridae; Actinomycetales; Micromonosporineae; Luedemannella; otu_451

Unvegetated_09F

Gammaproteobacteria; Chromatiales; Ectothiorhodospiraceae; Thiorhodospira; otu_2906

Unvegetated_09G

Dictyoglomi; Dictyoglomales; Dictyoglomaceae; Dictyoglomus; otu_1251

Unvegetated_09H

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_10A

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_10B

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_10C

Verrucomicrobia; Spartobacteria; Unclassified; otu_3350

Unvegetated_10D

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_10E

Firmicutes; Bacillales; Paenibacillaceae; Paenibacillus; Unclassified; otu_1351

Unvegetated_10F

Deltaproteobacteria; Desulfobacterales; Desulfobulbaceae; Desulfotalea; otu_2641

Unvegetated_10G

Gammaproteobacteria; Xanthomonadales; Xanthomonadaceae; Siderooxidans; otu_3243

Unvegetated_10H

Firmicutes; Clostridia; Clostridiales; Peptococcaceae; Desulfosporosinus; Unclassified; otu_1589

Unvegetated_11A

Verrucomicrobia; Spartobacteria; Unclassified; otu_3350

Unvegetated_11B

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_11C

Betaproteobacteria; Burkholderiales; Comamonadaceae; Schlegelella; otu_2445

Unvegetated_11D

Verrucomicrobia; Spartobacteria; Chthoniobacter; otu_3352

Unvegetated_11E

Acidobacteria; Unclassified; otu_197
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Unvegetated_11F

Deltaproteobacteria; Desulfobacterales; Desulfobulbaceae; Desulfotalea; otu_2641

Unvegetated_11G

Actinobacteria; Candidatus Microthrix; Unclassified; otu_577

Unvegetated_11H

Gammaproteobacteria; sulfur-oxidizing symbionts; Unclassified; otu_3163

Unvegetated_12A

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_12B

Acidobacteria; Solibacteres; Solibacterales; Solibacteraceae; Solibacter; otu_212

Unvegetated_12C

Ktedobacteria; Ktedobacterales; Ktedobacteraceae; Ktedobacter; unclassified Ktedobacter; otu_1891

Unvegetated_12D

Planctomycetes; Planctomycetacia; Planctomycetales; Planctomycetaceae; Gemmata; Unclassified; otu_1927

Unvegetated_12E

Alphaproteobacteria; Rhizobiales; Unclassified; otu_1967

Unvegetated_12F

Acidobacteria; Acidobacteriales; Acidobacteriaceae; Unclassified; otu_198

Unvegetated_12G

Actinobacteria; Candidatus Microthrix; Unclassified; otu_577

Unvegetated_12H

Planctomycetes; Planctomycetacia; Planctomycetales; Singulisphaera; otu_1936
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